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Differences in Thermal Tolerance Between Two Thermally
Isolated and Genetically Indistinct Populations of
Paragnetina media (Walker) (Plecoptera: Perlodidae)
Bridget C. O’Leary1, David C. Houghton1*, and Jeffrey Van Zant1

Abstract
The critical thermal maximum (CTM) of Paragnetina media (Walker)
(Plecoptera: Perlodidae) was studied at two sites of the Big Sable River in
northwestern Lower Michigan during summer 2013. The sites were separated
by ~8 km and differed in temperature by ~1°C in the early spring to ~5°C in
mid-summer. Individual P. media specimens from the warm site had consistently higher CTM when acclimated to the mean temperature of the two sites
for 3 days prior to experimental trials during May, June, and July. When acclimated for an additional 3 days to a higher or lower temperature, this thermal
disadvantage disappeared. Groups of individuals from both sites simultaneously
acclimated to both site temperatures for 3 days exhibited similar CTMs, except
that cold site specimens acclimated to the cold temperature had a lower CTM
than the other treatments. Sequencing of the CO1 gene revealed that nearly
75% of specimens shared a single haplotype, which was found in both warm
and cold site individuals. Our results suggest that both long term and short
term thermal history can influence thermal tolerance within populations of the
same species that do not appear genetically distinct.
____________________

Temperature is widely recognized as one of the most important variables
influencing the distribution, life history, and ecology of aquatic organisms,
nearly all of which are exothermic (Caissie 2006, Haidekker and Hering 2008,
Dallas and Rivers-Moore 2012). Many anthropogenic activities increase the
temperature of freshwater ecosystems (LeBlanc et al. 1997, Rutherford et al.
1997, Lessard and Hayes 2003, Daufresne et al. 2004, Hoffman and Sgro 2011).
This concern necessitates studies that determine high temperature tolerances
of freshwater organisms, especially in light of the current documented decline
of such organisms (Ricciardi and Rasmussen 1999, DeWalt et al. 2005, Lynse
et al. 2008, Houghton and Holzenthal 2010).
The high temperature tolerance of aquatic organisms is typically defined
non-lethally, through the determination of the critical thermal maximum, or
CTM (Cowles and Bogert 1944). CTM is the temperature at which a predetermined behavioral endpoint is reached in the laboratory after an experimental increase in temperature. For aquatic invertebrates, this endpoint usually involves
a loss of equilibrium or grip on the substrate (Dallas and Rivers-Moore 2012).
Several studies have suggested that thermal history has a significant
effect on thermal tolerance. For example, species exhibit higher CTM after acclimation to higher temperatures in the laboratory (Ernst et al. 1984, Moulton
et al. 1993, Jumbam et al. 2008, Kumlu and Turkmen 2010, Galbraith et al.
2012). Species that live in colder environments or that are present during colder
Department of Biology, Hillsdale College, 33 East College Street, Hillsdale, MI 49242.
*Corresponding author: (e-mail: david.houghton@hillsdale.edu).
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periods of the year have lower CTM than those that are exposed to warmer environments (Garten and Gentry 1976, Moulton et al. 1993, Hopkin et al. 2006,
Nyamukondiwa and Terblanche 2010). No study, however, has specifically
assessed the effects of thermal habitat differences between two populations of
a single species living in close geographic proximity. The question is an important one, because if a population living in a warmer environment has higher
thermal tolerance, this difference may be due to its specific genetic ability to
adapt to warmer environments. Conversely, higher thermal tolerance may be
the result of acclimatizing to such an environment. Such questions of ‘nature
versus nurture’ are fundamental to biology (Pigliucci 2001).
Paragnetina media (Walker) (Plecoptera: Perlodidae), or the embossed
stonefly, is found in trout streams throughout the eastern U.S. All immature life
stages are predatory, feeding on smaller invertebrates such as baetid mayflies,
hydropsychid caddisflies, and chironomd midges (Tarter and Krumholz 1971).
The species has been determined to be semivoltine in both Michigan and Kentucky streams, with adult emergence throughout the summer (Lehmkuhl 1970,
Tarter and Krumholz 1971). Heiman and Knight (1972) studied the amount
of time it took to kill half of the specimens in an experimental trial (LT50) of a
western Lower Michigan population of P. media and found that thermal tolerance was higher during the summer than the winter and that flowing water in
experimental trials increased thermal tolerance.
We tested thermal tolerance of P. media in the Big Sable River. The river
originates in Lake County in northwestern Lower Michigan and flows westerly
for approximately 80 km into Hamlin Lake and then into Lake Michigan. It is a
cold-water (mean July temperature <20°C) trout stream for much of its length,
supporting naturally-reproducing populations of brook [Salvelinus fontinalis
(Mitchill)] and brown (Salmo trutta L) trout (Tonello 2006). For approximately 10
km of length, however, water temperatures during the summer have approached
24°C and cannot support trout year-round. This change is natural, brought
about by the river passing through 4 km of the Bear Swamp. Downstream of
the swamp, cold-water upwelling and input from small tributaries decrease
water temperatures and the river can again support trout year-round (Tonello
2006). Since populations of P. media exist throughout most of the Big Sable
continuum, the river provided a unique opportunity to test thermal tolerance
differences between populations of a single species living in close geographic
proximity but in thermally different habitats.
Our study had several objectives. First, we compared the CTMs of P. media at two thermally isolated sites to determine inherent differences in thermal
tolerance. Second, we tested different laboratory acclimation protocols on the two
populations to assess their adaptability to different thermal regimes. Third, we sequenced the CO1 gene to make a preliminary assessment of population structure.
Materials and Methods
Study site. We collected P. media from two locations of the Big Sable. The
first location, designated ‘warm site’ (N44°05’, W86°07’), was ~5 km downstream
of the Bear Swamp. The second, designated ‘cold site’ (N44°07’, W86°12’), was
~8 km downstream of the warm site. The two sites were chosen based on their
geographic proximity and their previously documented difference in temperature (Tonello 2006). Both sites had largely intact riparian zones, but were wide
enough to allow for substantial sunlight penetration (Fig. 1).
Stream temperature was measured using a single Onset Hobo Water
Temp Pro V2 temperature probe (www.onsetcomp.com) deployed at each site.
Probes were placed near the center of the river channel, approximately 46 cm
below low flow depth. They recorded water temperatures hourly from mid-May
to the beginning of August, our approximate study period.

Figure 1. Photographs of the Big Sable River at our warm site (A) and cold site (B) near the temperature
probes.

2014
THE GREAT LAKES ENTOMOLOGIST
103

104

THE GREAT LAKES ENTOMOLOGIST

Vol. 47, Nos. 3 - 4

Collecting and laboratory acclimation. Late instar (≥3/4 of maximum
size) specimens were collected by hand in batches of ~100 from each site during 4
collecting trips in May, June, and July (Fig. 2). Specimens were abundant at both
sites and typically collected in ~1 h by 2–4 people within 100 m of the temperature
probes. Specimens were readily identifiable in the field by the unique markings on
their head and pronotum. We did not collect any other perlodid stoneflies at this site.
In the laboratory, all specimens were housed without food in Frigid Units
Living Stream™ environments (www.frigidunits.com), set to ambient photoperiod. Specimens were segregated by stream site into flow-through containers in
groups of 20-30 within the Living Stream environment. Living Stream water
was composed of ~20% stream water and ~80% unchlorinated well water. Any
specimens that had visible injuries (e.g., missing appendages) during the acclimation process, or appeared weak and unable to cling to the substrate, were
not used in experimental trials.
In the May experiment, all specimens were acclimated to 12ºC for 3 days
prior to experimental trials. This temperature approximated the mean between
the two stream sites (Fig. 2). After CTM was determined for specimens at the
two sites, remaining untested specimens were acclimated to 17ºC—a standard
acclimation temperature in the literature (Dallas and Rivers-Moore 2012)—for
an additional 3 days before another round of experimental trials. In the June
experiment, this process was reversed: all specimens were acclimated to 17ºC
for 3 days and then the remaining acclimated to 12ºC for another 3 days. In
the first July experiment, all specimens were acclimated only to 17ºC for three
days, again approximating the mean temperature between the two sites. In
the second July experiment, groups of both warm site and cold site specimens
were simultaneously acclimated to 18 and 22ºC—the temperatures of the cold
and warm sites—in separate Living Stream environments.

Figure 2. Big Sable water temperatures and the difference (warm site temperature
minus cold site temperature) between them, as recorded throughout our summer 2013
study period. Arrows indicate dates of our experimental trials and corresponding acclimation temperatures (Figures 3 and 4).
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Experimental trials. Trials were conducted using a Julabo MB-13 circulating heater (www.julabo.com) set to 40% external and 60% internal circulation.
The device was linked to a computer using Julabo EasyTemp software, allowing
for precise programming and logging of temperature protocols. In each trial,
specimens were placed into a bath containing Living Stream water, given both
natural stream rocks and 1x1 mm latex window screen to use as substrate, and
allowed to orient themselves relative to the current for 5 minutes before the
temperature was raised. Water temperature began at the acclimation temperature in the Living Stream and was raised by 0.33°C per minute until CTM was
reached for all trial specimens (Dallas and Rivers-Moore 2012, Houghton et al.
2014). CTM was defined as the inability to cling to substrate and, thus, being
dislodged by the current. Specimens temporarily dislodged by the current or
by other specimens were left in the water bath if they were able to re-attach
and assume a normal posture on the substrate.
Once CTM was reached for a specimen, the specimen was removed from
the water bath and placed into an 850 ml bowl which was floated in the Living
Stream to cool specimens back to acclimation temperature over a 30–60 minute
period. Once acclimation temperature was reached, specimens were returned
to the Living Stream and their survival checked at 48 h.
Each experiment consisted of alternating trials of 5 warm site specimens
and 5 cold site specimens, for a total of 5 trials for each treatment. To mitigate
the potential effects of outlier trials, global mean CTM was determined for each
site by combining all 25 specimens from the 5 trials. In the second July experiment referenced above, 4 treatments were alternated instead of 2 (warm site
and cold site acclimation to 18 and 22ºC).
Genetic analysis. Population structure was assessed using the mtDNA
gene cytochrome c oxidase subunit 1 (CO1). During August, 39 specimens were
collected from the warm site and 51 from the cold site. Upon collection, they
were placed in 1.5ml microcentrifuge tubes containing 80% ethanol. For DNA
isolation, heads were removed from each specimen and cut into multiple pieces
to optimize tissue lysis. Whole genomic DNA was extracted using Qiagen’s
Dneasy Blood and Tissue Kit (www.qiagen.com). Extracted DNA was quantified
using a Thermo Scientific Nanodrop 1000 (www.nanodrop.com). The polymerase
chain reaction (PCR) was used to amplify a 576-bp portion of the CO1 region of
the mtDNA using primers LepF1- ATTCAACCAATCATAAAGATATTGG and
LepR1 – TAAACTTCTGGATGTCCAAAAAATCA (Hebert et al. 2004). PCR
amplifications were conducted using Qiagen TopTaq Master Mix Kit (www.qiagen.com. Reactions were run in an Applied Biosystems Veriti 96 Well Thermal
Cycler (www.lifetechnologies.com). Amplification reactions were conducted in
25 µL volumes containing 10.0 µL H20, 12.5 µL TopTaq Master Mix, 0.75 µL
LepF, 0.75 µL LepR, and 1.0 µL DNA. PCR reactions were: 35 cycles 94°C (30
s) denaturing, 48°C (30 s) annealing, and 72°C (30 s) extension, followed by
one 5-min period at 72°C. Product was determined to be present or absent by
means of UV light visualization. PCR product was cleaned using QIAquick
PCR Purification Kit and sequenced using an ABI 3130 Genetic Analyzer (www.
appliedbiosystems.com).
MEGA 6.0 (Tamura 2013) and Muscle (Edgar 2004) were used to manipulate and proof sequence data and to create a topology using the maximum
parsimony optimality criterion. To search for the best topology, a single specimen of Paragnetina immarginata Say (GenBank #JN200677.1) was designated
as the outgroup, and a heuristic search was used with 100 random additions
and tree-bisection-reconnection (TBR) branch swapping. Robustness and nodal
support were evaluated using 1000 bootstrap iterations (Felsenstein 1985).
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Results
Mean hourly water temperature during our study period was significantly
higher at the warm site (19.4°C) than the cold site (17.1°C) (Paired T-test, P <
0.001). Except for two morning measurements, water temperature was higher
at the warm site than the cold site on every occasion that it was recorded.
Although there were some outlier dates, the magnitude of this difference generally increased throughout the spring and summer—reaching nearly 5°C in
mid-July—before decreasing in the late summer (Fig. 2).
In the May experiment, warm site P. media specimens had higher mean
CTM than did cold site specimens when both were acclimated to 12°C for 3 days
(Fig. 3). There was no difference between populations when acclimated to 17°C
for an additional 3 days. In June, warm site P. media specimens had higher
mean CTM when acclimated to 17°C for 3 days, but not when acclimated to
12°C for an additional 3 days. In July, warm site specimens had higher mean
CTM than cold site specimens when acclimated to 17°C. Mean CTM for the
combined warm site and cold site specimens acclimated to 17°C increased from
May to June and from June to July (Fig. 4). In the second July experiment,
cold site specimens acclimated to 18ºC had the lowest mean CTM. There was
no difference in mean CTM between the other 3 treatments (Fig. 5).

Figure 3. Mean (+SE) CTM for warm site and cold site populations of Paragnetina
media based on experiments conducted in May, June, and July 2013 under two acclimation temperatures. A: 12ºC acclimation in May, B: 17ºC acclimation in May, C: 12ºC
acclimation in June, D: 17ºC acclimation in June, E: 17ºC acclimation in July. Each
P-value reflects an individual Paired T-test comparison between mean CTM values of
the 25 total specimens from the 5 trials each of warm and cold site.
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Figure 4. Changes in the combined CTM of warm site and cold site populations of
Paragnetina media during the three months of our study. All specimens were acclimated to 17°C. Superscript letters denote statistically distinct means (1-way Analysis
of Variance with post-hoc Tukey test, df = 187, F = 9.43).

Figure 5. Mean (+SE) CTM for warm site and cold site populations of Paragnetina
media simultaneously acclimated to 18 and 22°C during July 2013. Superscript letters
denote statistically distinct means (1-way Analysis of Variance with post-hoc Tukey
test, df = 79, F = 4.71).
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Figure 6. Percentage mortality for cold site and warm site Paragnetina media specimens
48 h after CTM experiments for the different experimental conditions.

Mean post-trial mortality ranged 10–60%. Specimens from all experiments
acclimated for 6 days had higher post-trial mortality than those acclimated for
3 days (Two-sample T-test, P = 0.03) (Fig. 6). Cold site specimens had slightly
higher post-trial mortality than did warm site specimens (Two-sample T-test,
P = 0.04). Mortality during the acclimation period was approximately 25%.
CO1 sequences revealed 13 unique haplotypes. Seven haplotypes were
found only at the warm site, 3 were found only at the cold site, and 3 were found
at both the warm and cold sites. Nearly 75% of specimens shared a single haplotype found at both sites (Fig. 7).
Of the 574 characters analyzed, 563 were constant and 4 were parsimony
informative considering the ingroup. Including the ingroup and outgroup,
477 were constant and 6 were parsimony informative. Maximum parsimony
analyses produced 12 trees. The score of the best tree found was 102. Mean
nucleotide diversity (π) across all P. media haplotypes was 0.003. Haplotypes
from the warm site, cold site, and warm and cold sites were intermixed on the
tree topology (Fig. 7).
Discussion
Heiman and Knight’s (1972) LT50 experiment on a P. media population
~130 km south of our population measured the amount of time it took to kill half
of the specimens in an experimental trial at various acclimation and experimental temperature combinations. Although results varied based on acclimation
temperature and other factors, experimental temperatures <33°C typically led
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Figure 7. Maximum parsimony topology for the 13 Paragnetina media haplotypes
based on our warm and cold sites, and our P. immarginata outgroup. Number of
specimens of each haplotype is in parentheses. The scale bar represents the number of
substitutions per site.

to indefinite survival, whereas experimental temperatures >38°C led to an LT50
in <1 h. Our CTM values for the various treatments (~35-38°C) appear similar
to these values. Both studies found an increase in thermal tolerance as stream
temperatures increased during the summer.
Dallas and Rivers-Moore (2012) proposed a classification scheme of relative
thermal tolerance for aquatic insects. Both of our P. media populations tested
during all experiments would be considered ‘moderately sensitive’ (as defined
by CTM = 33–39°C) based on this scheme. Most insects in this scheme were
tested under similar conditions as P. media, with an acclimation temperature
of 17°C and a 0.33°C rate of experimental increase.
Our CTM data indicate that specific habitat influences thermal tolerance
in P. media. In the May, June, and first July experiments, CTM was always
higher in warm site specimens than in cold site specimens after 3 days of laboratory acclimation to the same temperature. The May experiment in particular
suggests the importance of long term thermal history in determining CTM,
since the warm site was only 0-2°C warmer than the cold site during this time
period. Adaptation of the warm site population to warmer temperatures may
have carried over from the previous summer in this semivoltine species. Several
authors have suggested that long term field acclimatization can yield ‘irreversible’ increases in thermal tolerance (Lagerspetz 2006, Chown and Terblanche
2007, Nyamukondiwa and Terblanche 2010). Further, the combined CTM
of both populations continued to increase throughout the summer as stream
temperatures increased, despite laboratory acclimation to a single (17°C) temperature, providing further evidence of maintained thermal tolerance due to
thermal history.
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Our data also suggest that recent thermal history can mitigate the effects
of habitat. After 6 days of acclimation in the May and June experiments, cold
site specimens had the same CTM as warm site specimens, suggesting that cold
site specimens had a similar ability to adapt to ambient conditions as warm site
specimens if given enough time. In the second July experiment, the cold site
specimens acclimated to 18°C had lower CTM than the other treatments probably since they had only been exposed to relatively cold conditions. Warm site
specimens—regardless of acclimation temperature—and cold site specimens acclimated to 22°C likely had higher CTM due to recent thermal history, either during
laboratory acclimation or in their native habitat. Again, it appears that thermal
tolerance is moderated by both long term and short term temperature variation.
Our genetic topology did not reveal any clear distinction between the
two populations. Although we did find haplotypes unique to each site, 73% of
individuals were of the same haplotype which was found at both sites. Mean
nucleotide diversity was low, reflecting close evolutionary relationships between individuals within a haplotype. Such a result is typical for weak flying
insects with low vagility (Smith et al. 2006, Young et al. 2013). Specimens and
haplotypes were intermixed between sites, suggesting that differences between
haplotypes were not related to differences between the warm and cold sites.
This result further supports the idea that it is thermal history that is affecting
CTM differences between these populations, and not inherent genetic differences between them.
Our high post-trial mortality is a potential cause for concern since it suggests that our CTM endpoint may not have been truly sub lethal (Lutterschmidt
and Hutchison 1997). Our determined endpoint, however, has been used for
many species of aquatic insects, including perlodids and other stonefly species
(Ernst et al. 1984, Poulton et al. 1989, Dallas and Rivers-Moore 2012). We suspect, due to the higher post-trial mortality in specimens acclimated for 6 days
instead of 3, that high post-trial mortality actually reflected stress in captivity
more than stress of the CTM trials. The higher mortality of cold site specimens
was, likewise, probably due to the stress of being acclimated at temperatures
higher than that of their recent thermal history. Further, we estimated mortality during the acclimation period at nearly 25%, which is far higher than that
of the dozen other aquatic insect species that we have tested (e.g., Shoup and
Houghton 2013, Houghton et al. 2014, Houghton and Shoup 2014). Some preand post-trial mortality was due to cannibalism of this predatory species. Thus,
we are comfortable with our CTM endpoint determination but do not think P.
media is the ideal species for long term acclimation studies.
Future research should include genetic analysis with hypervariable markers such as microsatellites (Goldstein et al. 1999). Such markers are frequently
used to determine population structure and would be better suited to investigate
genetic connectivity between sites than the more conserved CO1 gene (Hebert
et al. 2003, Kress et al. 2005). Additional sites along the Big Sable continuum
should also be tested. Finally, while testing longer acclimation periods would
help to separate the relative importance of short term and long term thermal
history, housing this species for longer periods of time may require special care
to avoid the high mortality.
Acknowledgments
We thank Mark Tonello and the Michigan Department of Natural Resources for collecting temperature data, Markie Zimmer for taking the photograph of the cold site in Figure 1, and Chris Bowyer, Joshua Commans, Peter
Thistleton, and the 2013 Hillsdale College summer ecology class for assisting
us in the field. Research costs supported by a Summer Research Fund grant to
BCO and by additional support from the Hillsdale College Biology Department.
This is paper #12 of the G.H. Gordon BioStation Research Series.

2014

THE GREAT LAKES ENTOMOLOGIST

111

Literature cited
Caissie, D. 2006. The thermal regime of rivers: a review. Freshwater Biology 51:
1389–1406.
Chown, S. L., and J. S. Terblanche. 2007. Physiological diversity in insects: ecological
and evolutionary contexts. Advances in Insect Physiology 33: 50–152.
Cowles, R. B., and C. M. Bogert. 1944. A preliminary study of the thermal requirements
of desert reptiles. Bulletin of the American Museum of Natural History 83: 265–296.
Daufresne, M, M. C. Roger, H. Capra, and N. Lamouroux. 2004. Long-term changes
within the invertebrate and fish communities of the upper Rhone River: effects of
climatic factors. Global Change Biology 10:124–140.
Dallas, H. F., and N. A. Rivers-Moore. 2012. Critical thermal maxima of aquatic invertebrates: towards identifying bioindicators of thermal alteration. Hydrobiologia
679: 61–76.
DeWalt, W. E., C. Favret, and D. W. Webb. 2005. Just how imperiled are aquatic insects? A case study of stoneflies (Plecoptera) in Illinois. Annals of the Entomological
Society of America 98: 941–950.
Edgar, R. C. 2004. MUSCLE: a multiple sequence alignment method with reduced time
and space complexity. BMC Bioinformatics. 5:113.
Ernst, M. T., T. L. Beitinger, and K. W. Stewart. 1984. Critical maxima of nymphs of
three plecopteran species from an Ozark foothill stream. Freshwater Invertebrate
Biology 3: 80–85.
Felsenstein, J. 1985. Phylogenies and the comparative method. The American Naturalist 125: 1–15.
Galbraith, H. S., C. J. Blakeslee, and W. A. Lellis. 2012. Recent thermal history
influences thermal tolerance in freshwater mussel species (Bivalvia: Unionidae).
Freshwater Science 31: 83–92.
Garten, C. T., and J. B. Gentry. 1976. Thermal tolerance of dragonfly nymphs. II.
Comparison of nymphs from control and thermally altered environments. Physiological Zoology. 49: 206–213.
Goldstein, D. B., G. W. Roemer, D. A. Smith, D. E. Reich, A. Bergman, and R. K.
Wayne. 1999. The use of microsatellite variation to infer population structure and
demographic history in a natural model system. Genetics 151: 797–801.
Haidekker, A., and D. Hering. 2008. Relationship between benthic insects (Ephemeroptera, Plecoptera, Coleoptera, Trichoptera) and temperature in small and mediumsized streams in Germany: A multivariate study. Aquatic Ecology 42:463–481.
Heiman, D. R., and A. W. Knight. 1972. Upper temperature relations of the nymphs
of the stonefly Paragnetina media. Hydrobiologica 39: 479–493.
Hebert, P. D. N., A. Cywinska, S. L. Ball, and J. R. deWaard. 2003. Biological identifications through DNA barcodes. Proceedings of the Royal Society of London. Series
B: Biological Sciences. 270: 313-321.
Hoffman, A. A., and C. M. Sgro. 2011. Climate change and evolutionary adaption.
Nature 470: 479–485.
Hopkin, R. S., S, Qari, K. Bowler, D. Hyde, and M. Cuculescu. 2006. Seasonal thermal
tolerance in marine crustacea. Journal of Experimental Marine Biology 331: 74–81.
Houghton, D. C., and R. W. Holzenthal. 2010. Historical and contemporary biological diversity of Minnesota caddisflies: a case study of landscape-level species loss and trophic
composition shift. Journal of the North American Benthological Society 29: 480–495.
Houghton, D. C. and L. Shoup. 2014. Seasonal changes in the critical thermal maxima
of four species of aquatic insects (Ephemeroptera, Trichoptera). Environmental
Entomology 43: 1059–1066.

112

THE GREAT LAKES ENTOMOLOGIST

Vol. 47, Nos. 3 - 4

Houghton, D. C., A. C. Logan, and A. J. Pytel. 2014. Validation of CTmax protocols
using cased and uncased Pycnopsyche guttifer (Trichoptera: Limnephilidae) larvae.
The Great Lakes. Entomologist 47: 1–8.
Jumbam, K. R., S. Jackson, J. S. Terblanche, M. A. McGeoach, and S. L. Clown.
2008. Acclimation effects on critical and lethal thermal limits of workers of the
Argentine ant, Lineputhema humile. Journal of Insect Physiology 54: 1008–1014.
Kumlu, M., and S. Turkmen. 2010. Thermal tolerance of Litopenaeus vannanei (Crustacea: Penaidae) acclimated to four temperatures. Journal of Thermal Biology 35:
305–308.
Kress, W. J., K. J. Wurdack, E. A. Zimmer, L. A. Weight, and D. H. Janzen. 2005.
Use of DNA barcodes to identify flowering plants. Proceedings of the National Academy of Sciences 102: 8369–8374.
Lagerspetz, K. Y. H. 2006. What is thermal acclimation? Journal of Thermal Biology
31: 332–336.
LeBlanc, R. T., R. D. Brown, and J. E. FitzGibbon. 1997. Modeling the effects of
land use change on the water temperature in unregulated urban streams. Journal
of Environmental Managment 49:445–469.
Lehmkuhl, D. M. 1970. Studies on growth and development of the stonefly, Paragnetina
media Walker (Plecoptera: Perlidae). American Midland Naturalist 84: 274–278.
Lessard, J. L., and D. B. Hayes. 2003. Effects of elevated water temperature on fish
and macroinvertebrate communities below small dams. River Research and Application 19: 721–732.
Lutterschmidt, W. I., and V. H. Hutchison. 1997. The critical thermal maximum:
history and critique. Canadian Journal of Zoology 75: 1561–1574.
Lynse, S. J., K. E. Perez, K. M. Brown, R. L. Minton, and J. D. Sides. 2008. A review
of freshwater gastropod conservation: challenges and opportunities. Journal of the
North American Benthological Society 27: 463–470.
Moulton, S. R., II, T. L. Beitinger, K. W. Stewart, and R. J. Currie. 1993. Upper
temperature tolerance of four species of caddisflies (Insecta: Trichoptera). Journal
of Freshwater Ecology 8: 193–198.
Nyamukondiwa, C., and J. S. Terblanche. 2010. Within-generation variation of
critical thermal limits in adult Mediterranean and natal fruit flies Ceratitis capitata
and Ceratitis rosa: Thermal history affects short-term responses to temperature.
Physiological Entomology 35: 255–264.
Pigliucci, M. 2001. Phenotypic plasticity: beyond nature and nurture. Johns Hopkins
University Press, Baltimore, MD.
Poulton, B. C., T. L. Beitinger, and K. W. Stewart. 1989. The effect of hexavalent chromium on the critical thermal maximum and body burden of Clioperla clio (Plecoptera:
Perlodidae). Archives of Environmental Contamination and Toxicology 18: 594–600.
Ricciardi, A. J., and B. Rasmussen. 1999. Extinction rates of North American freshwater fauna. Conservation Biology 13: 1220–1222.
Rutherford, J. S., S. Blackett, C. Blackett, L. Saito, and R. Davies-Colley. 1997.
Predicting the effects of shade on water temperature in small streams. New Zealand
Journal of Freshwater Research 31: 707–721.
Shoup, L., and D. C. Houghton. 2013. Effect of acclimation temperature on the critical
thermal maximum of a cold-water population of Pteronarcys dorsata (Say) (Plecoptera:
Pteronarcydae). The Great Lakes Entomologist 46:1–9.
Smith, P. J., S. M. McVeagh, and K. J. Collier. 2006. Population genetic structure in
the New Zealand caddisfly Orthotrichia fimbriata revealed with mitochondrial DNA.
New Zealand Journal of Marine and Freshwater Research 40: 141–148.

2014

THE GREAT LAKES ENTOMOLOGIST

113

Tamura K, Stecher G, Peterson D, Filipski A, and Kumar S. 2013. MEGA6: Molecular Evolutionary Genetics Analysis Version 6.0. Molecular Biology and Evolution
30: 2725–2729.
Tarter, D. C., and L. A. Krumholz. 1971. Life history and ecology of Paragnetina media (Walker) (Insecta: Plecoptera) in Doe Run, Meade County, Kentucky. American
Midland Naturalist 86: 169–180.
Tonello, M. 2006. Fisheries Survey Report: Big Sable River. Internal Michigan Department of Natural Resources report.
Young, B. A., D. J. Schmidt, and F. Sheldon. 2013. Small-scale patterns of genetic
variation in a headwater specialist mayfly: no influence of selective forest harvesting
on diversity. Austral Ecology 38: 504–515.

114

THE GREAT LAKES ENTOMOLOGIST

Vol. 47, Nos. 3 - 4

Butterflies (Lepidoptera) on Hill Prairies of Allamakee County,
Iowa: A Comparison of the Late 1980s With 2013
Nicole M. Powers1 and Kirk J. Larsen1*

Abstract
In the late 1980s, several hundred butterflies were collected by John
Nehnevaj from hill prairies and a fen in Allamakee County, Iowa. Nehnevaj’s
collection included 69 species, 14 of which are currently listed in Iowa as species
of greatest conservation need (SGCN). The goal of this study was to revisit sites
surveyed in the 1980s and survey three additional sites to compare the species
present in 2013 to the species found by Nehnevaj. A primary objective was to
document the presence of rare prairie specialist butterflies (Lepidoptera), specifically the ottoe skipper (Hesperia ottoe W.H. Edwards; Hesperiidae), which was
thought to be extirpated from Iowa. Twelve sites were surveyed 4 to 7 times
between June and September 2013 using a meandering Pollard walk technique.
A total of 2,860 butterflies representing 58 species were found; eight of these
species were SGCN’s, including the hickory hairstreak (Satyrium caryaevorum
McDunnough; Lycaenidae), and Leonard's skipper (Hesperia leonardus Harris;
Hesperiidae), species not collected in the 1980s, and the ottoe skipper and Baltimore checkerspot (Euphydryas phaeton Drury; Nymphalidae), both species also
found by Nehnevaj.  Species richness for the sites ranged from 14 to 33 species,
with SGCNs found at 11 of the 12 sites. Significant landscape changes have
occurred to hill prairies in Allamakee County over the past 25 years. Invasion
by red cedar (Juniperus virginiana) has reduced hill prairie an average of 55.4%
at these sites since the 1980s, but up to 100% on some of the sites surveyed by
Nehnevaj. These changes in habitat may have contributed to the overall decrease
in species richness. This study provides valuable information about the current
status of butterflies present on northeastern Iowa hill prairies that can be used
in directing future land management and conservation efforts.
____________________

Hill prairies are steep, south or southwest facing slopes in the Upper
Midwest composed of native prairie plant species surrounded by woodland (Robertson et al. 1996, Iowa Association of Naturalists 2001). They are dry habitats
with rocky outcrops, sandy soils, and generally shorter vegetation than their
flatland tallgrass prairie counterparts, frequently exhibiting discontinuous sod
(Vestal 1918, Robertson et al. 1996, Swengel and Swengel 2013). Hill prairies
provide ideal habitat for some prairie-specialist butterfly species, as their steep
slopes often remain untouched by human agricultural disturbance. Free from
disturbance, these steep prairie refuges still host the native forbs and grasses
required as host plants and nectar sources for specialist butterflies (Cross 2007).
Butterflies (Lepidoptera) are important members of the hill prairie ecosystem. They act as pollinators and are food for animals like birds that aid in the
dispersal of prairie seeds (Davis et al. 2007, Davis et al. 2008). Butterflies also
function well as bioindicators because they depend on a small range of resources
throughout their life cycles (Schlicht and Orwig 1992). Butterflies commonly
Department of Biology, Luther College, 700 College Drive, Decorah, Iowa 52101.
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rely on a narrow range of larval host plants and as adults require a variety of forbs
as nectar sources (Schlicht and Orwig 1992). This is particularly true of prairie
specialist butterflies, such as many species of skippers (Hesperiidae). Larval host
specificity demands that a strict set of conditions be present for a butterfly to occupy
an area (Schlicht and Orwig 1992). A high diversity of butterfly species therefore
indicates a healthy ecosystem capable of fulfilling the needs of a variety of species.
Hill prairies in Allamakee County, Iowa have been rapidly disappearing
since the 1930s largely due to the rapid expansion of red cedar (Juniperus virginiana) and sumac (Rhus sp.). Photos taken in Allamakee County that were
published in 1913 show wide expanses of hill prairie on many of Northeast Iowa’s
south and southwest facing slopes (Hancock 1913). Today, those same slopes
exhibit only small hill prairie fragments or are entirely covered with woody
species like red cedar. Historically, dry climate, grazing by large herds of bison
(Bison bison) and other herbivores, and periodic fire are thought to have kept
woody species from invading prairies (Stebbins 1981, Axelrod 1985). However,
the absence of fire and large grazing herds has allowed J. virginiana to invade
(Stebbins 1981, Axelrod 1985). In addition, Allamakee County hill prairies are
currently imperiled by the threat of hydraulic fracturing (frac) sand mining in
the area. Frac sand mining eliminates hill prairie habitat and has the potential to further fragment and degrade the surrounding habitat by introducing
pollution, and causing erosion and sedimentation (Minnesota Environmental
Quality Board 2013). Habitat fragmentation resulting from frac sand mining
or expansion of J. virginiana can endanger butterfly populations by changing
the prairie’s microclimate (Karlsson and Van Dyck 2005). Rare butterflies are
especially vulnerable to fragmentation (Summerville and Crist 2001).
Between 1986 and 1990, John Nehnevaj, a local butterfly enthusiast, collected over 345 butterflies representing 69 species from hill prairies and a fen
in Allamakee County. Nehnevaj’s collection included a number of rare butterfly
species, 14 of which are currently listed as species of greatest conservation need
(SGCN) by the Iowa Department of Natural Resources (IDNR) as part of its
Wildlife Action Plan (IDNR 2007). Of particular interest, Nehnevaj’s collection
included 41 ottoe skippers (Hesperia ottoe W.H. Edwards; Hesperidae), a species
listed as rare in Iowa, and recently declared as extirpated from the state (D.
Schlicht personal communication). The goal of this study was to revisit many
of the sites surveyed by Nehnevaj to determine which butterfly species could
still be observed on those sites and in what abundance. A specific goal was to
search for the ottoe skipper and other rare prairie-specialist species such as
the SGCN species found by Nehnevaj. This information could be used to track
population abundance over time, dictate site-specific management activities,
and aid in choosing optimal sites for conservation.
According to Schlicht et al. (2007), 83 species of butterflies have been
documented in Allamakee County over the past 34 years. A 1998 survey of
neighboring Winneshiek County yielded 52 butterfly species, compared to 58
species present in a Winneshiek County collection from 90 years earlier in
1908 (Larsen and Bovee 2001). The 1908 collection contained 3 species on the
current SGCN list, while the 1998 survey documented only two SGCN species
(Larsen and Bovee 2001). Given the trend observed in Winneshiek County and
predicted changes in habitat, we expected a decrease in the number of butterfly
species in Allamakee County over the past 25 years.
Materials and Methods
Nehnevaj’s 1980s collection. John Nehnevaj collected over 345 butterflies from 13 hill prairie sites and one fen in Allamakee County between 1986
and 1990. We surveyed nine of those sites in 2013 (Table 1). We were unable
to survey the other five of Nehnevaj’s sites in 2013 because four of those hill
prairie sites were too covered by red cedars (three were 100% covered) to allow

43°25.23’N

43°21.96’N

43°25.63’N

43°23.22’N

McLaughlin

Mt. Hosmer

Riverside Drive

Sunflower Drive

43°22.25'N

43°28.93'N

Heritage Valley*

Prairie Song Farm

43°27.59'N

43°28.05'N

43°26.94'N

43°26.01'N

43°28.95'N

43°24.37'N

43°24.39'N

43°27.26'N

43°26.36'N

Black Hawk Point*

Chimney Rock

Clear Creek Fen*

Honeywell

Potter's Prairie

Solitaire Ridge East*

Solitaire Ridge West*

Weymiller

Zoll's Mountain

1980s and 2013 sites:

43°25.94'N

Bear Creek Drive

2013 only sites:

43°25.89’N

Latitude

Hwy 76 Waterloo Creek*

1980s only sites:

Site Name

91°19.89'W

91°18.21'W

91°33.83'W

91°33.04'W

91°24.74'W

1700

1500

1200
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850

1300
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-

-

-

-

-

7.7

12

8.7

13.6

3.5

7.7

16

7.8

7.2

17

7.6

29

-

-

-

-

-

Area Surveyed
(acres)

hill prairie, agricultural field, woods

hill prairie, agricultural field

hill prairie, agricultural field, woods

hill prairie

hill prairie, woods

hill prairie, woods

fen, old field

hill prairie, woods

hill prairie, agricultural field, woods

riparian tallgrass prairie restoration

hill prairie

hill prairie, old field

hill prairie

hill prairie

hill prairie

hill prairie

hill prairie

Habitat
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91°17.70'W

91°25.20'W

91°19.50'W

91°17.85'W

91°31.31'W

91°34.73'W

91°31.63'W

91°27.36’W

91°31.20’W

91°32.52’W

91°13.31’W

91°30.98’W

Longitude

Transect
Length
(meters)

Table 1. Sites in Allamakee County, Iowa surveyed for butterflies during the late 1980s, in 2013, or both, including geographic coordinates,
length of survey transect, area surveyed, and habitat type within the transect. Sites partially or entirely managed by the Iowa DNR or INHF
are marked with an asterisk (*), all other sites are on private property.
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for surveys and a fifth (Mt. Hosmer) was not visited because it was simply too
far out of the way for regular visits. Nehnevaj’s collection included 69 species
and was donated to Luther College in December 2012.
2013 Survey Sites. We surveyed twelve sites in 2013: eight hill prairies and
Clear Creek Fen, which were visited by Nehnevaj, plus two other hill prairie sites
in the area and a riparian tallgrass prairie restoration (Table 1). Sites varied in
management history, quality of prairie, size, and steepness (Table 1). Five sites
are currently owned and managed by the IDNR or the Iowa Natural Heritage
Foundation (INHF), while the other seven sites are privately owned (Table 1).
2013 Survey Methods. Each site was surveyed by walking a meandering
transect on a roughly biweekly basis from mid-June through September 2013
using a modified Pollard technique (Pollard 1975, Pollard 1977). Surveys occurred between 0930 and 1530 h CDT on days with winds less than 12.5 mph,
temperatures between 20-31ºC, and cloud coverage less than 90%. Walking
pace was dictated by the difficulty of the terrain with the goal of maintaining
a consistent pace throughout. All butterflies seen within a 10m distance of the
observers were recorded. Two or three observers conducted each survey. Photographs were taken regularly for vouchering purposes and as aids in identification. Butterflies were identified on the wing or netted for closer examination
and released if possible. Identification was made using Schlicht et al. (2007)
or Glassberg (1999) and names standardized using Opler and Warren (2004).
If species identity could not be confirmed in the field, voucher specimens were
collected and identification verified in the lab. Collected voucher specimens
are housed in the Research Insect Collection in the Hoslett Museum of Natural
History, Luther College, Decorah, Iowa.
Overall butterfly abundance, species richness, and community diversity
were calculated for each site. Community diversity was quantified for each site
using the Shannon Diversity Index (H´) and Peilou’s Evenness Index (J´) using
log base 2 (Eckblad 1998). Survey time and number of observers were used to
calculate butterflies observed per observer minute for each site to account for
differences in survey time or number of observers present.
Aerial Photo Analyses. Aerial photos from the late 1980s and 2013 were
analyzed to show how landscape changes in hill prairies in the last 25 years
may have affected the diversity and abundance of butterflies found at each site.
Aerial photos were downloaded from the Iowa Geographic Map server (http://
ortho.gis.iastate.edu). Each hill prairie site’s acreage in the 1980s and 2013 was
determined using ArcMap10 (ESRI, Redlands, CA). Percent change in acreage
was then calculated. Clusters of red cedar (J. virginiana) or sumac (Rhus sp.)
present within the prairie interior were included in the total prairie area as
long as they were scattered and ground was visible around the individual trees.
Results
Between 1986 and 1990, John Nehnevaj collected 345 butterflies from 13
hill prairies and a fen in Allamakee County, Iowa. In the summer of 2013, we
observed 2,860 butterflies and identified 58 species from 10 hill prairies, Clear
Creek fen, and a riparian prairie planting in Allamakee County. Butterfly
species, common names, and family names are summarized in Table 2. The
great spangled fritillary (Speyeria cybele Fabricius) was the most frequently
observed butterfly in the 2013 survey (n = 750). Between the combined 1980s
and 2013 studies, 80 species were observed with 47 species in common between
the late 1980s and 2013. Eleven species were found in 2013 that had not been
collected by Nehnevaj, while 22 species collected by Nehenvaj were undetected
in the 2013 surveys (Table 2).
Of the 69 species collected by Nehnevaj, 14 are on the IDNR’s current
SGCN list (Table 2). Six of those same SGCN species were also found in 2013

Species

Epargyreus clarus (Cramer, 1775)

Thorybes pylades (Scudder, 1870)

Thorybes bathyllus (Smith, 1797)

*Erynnis brizo (Boisduval & Leconte, [1837])

Erynnis juvenalis (Fabricius, 1793)

*Erynnis baptisiae (Forbes, 1936)

*Erynnis lucilius (Scudder & Burgess, 1870)

Pyrgus communis (Grote, 1872)

Pholisora catullus (Fabricius, 1793)

Ancyloxypha numitor (Fabricius, 1793)

Thymelicus lineola (Ochsenheimer, 1808)

Hylephila phyleus (Drury, 1773)

*Hesperia ottoe Edwards, 1866

*Hesperia leonardus Harris, 1862

Polites peckius (Kirby, 1837)

Polites themistocles (Latreille, [1824])

Family

Hesperiidae

Hesperiidae

Hesperiidae

Hesperiidae

Hesperiidae

Hesperiidae

Hesperiidae

Hesperiidae

Hesperiidae

Hesperiidae

Hesperiidae

Hesperiidae

Hesperiidae

Hesperiidae

Hesperiidae

Hesperiidae

Tawny-edged Skipper

Peck's Skipper

*Leonard's Skipper

4

10

0

41

2

0

7

6

8

10

23

12

8

3

4

2

Nehnevaj
1980s

5

0

7

34

0

2

20

0

1

0

47

9

0

0

1

62

2013 Survey
Total
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*Ottoe Skipper

Fiery Skipper

European Skipper

Least Skipper

Common Sootywing

Common Checkered-Skipper

*Columbine Duskywing

*Wild Indigo Duskywing

Juvenal's Duskywing

*Sleepy Duskywing

Southern Cloudywing

Northern Cloudywing

Silver-Spotted Skipper

Common Name

Table 2. Number of butterflies of each species in John Nehnevaj’s late 1980s collection and total number of butterflies of each species observed at 12 sites in Allamakee County Iowa in 2013 from mostly the same sites and habitats. Species listed by the Iowa DNR as species of
greatest conservation need (SGCN) are indicated with an asterisk (*).
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Species

Polites origenes (Fabricius, 1793)

Polites mystic (Edwards, 1863)

Wallengrenia egeremet (Scudder, 1864)

Pompeius verna (Edwards, 1862)

Anatrytone logan (Edwards, 1863)

Poanes hobomok (Harris, 1862)

Euphyes conspicua (Edwards, 1863)

*Euphyes bimacula (Grote & Robinson, 1867)

Euphyes vestris (Boisduval,1852)

*Atrytonopsis hianna (Scudder, 1868)

*Amblyscirtes hegon (Scudder, 1864)

*Amblyscirtes vialis (Edwards, 1862)

Papilio polyxenes Fabricius, 1775

Papilio glaucus Linnaeus, 1758

Papilio cresphontes Cramer, 177

Pieris rapae (Linnaeus, 1758)

Colias philodice Godart, 1819

Family

Hesperiidae

Hesperiidae

Hesperiidae

Hesperiidae

Hesperiidae

Hesperiidae

Hesperiidae

Hesperiidae

Hesperiidae

Hesperiidae

Hesperiidae

Hesperiidae

Papilionidae

Papilionidae

Papilionidae

Pieridae

Pieridae

Table 2. Continued.

1

2

0

1

3

4

3

8

4

1

1

8

9

4

4

1

10

Nehnevaj
1980s

119

51

61

12

36

9

0

0

0

0

0

1

5

2

8

0

0

2013 Survey
Total
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Clouded Sulphur

Cabbage White

Giant Swallowtail

Eastern Tiger Swallowtail

Black Swallowtail

*Common Roadside-Skipper

*Pepper and Salt Skipper

*Dusted Skipper

Dun Skipper

*Two-spotted Skipper

Black Dash

Hobomok Skipper

Delaware Skipper

Little Glassywing

Northern Broken-Dash

Long Dash

Crossline Skipper

Common Name

2014
119

Species

Colias eurytheme Boisduval, 1852

Colias cesonia (Stoll, 1790)

Phoebis sennae (Linnaeus, 1758)

Eurema lisa (Boisduval & Leconte [1830])

Lycaena phlaeas (Linnaeus, 1761)

Lycaena dione (Scudder, 1868)

Lycaena hyllus (Cramer, 1775)

Callophrys gryneus (Hübner [1819])

Satyrium titus (Fabricius, 1793)

*Satyrium caryaevorum (McDunnough, 1942)

*Satyrium edwardsii (Grote and Robinson, 1867)

Satyrium calanus (Hübner [1809])

*Satyrium liparops (Leconte, 1833)

Strymon melinus (Hüber [1813])

Everes comyntas (Godart [1824])

Celastrina ladon (Cramer, 1780)

Celastrina neglecta (Edwards, 1862)

Family

Pieridae

Pieridae

Pieridae

Pieridae

Lycaenidae

Lycaenidae

Lycaenidae

Lycaenidae

Lycaenidae

Lycaenidae

Lycaenidae

Lycaenidae

Lycaenidae

Lycaenidae

Lycaenidae

Lycaenidae

Lycaenidae

Table 2. Continued.

Summer Azure

Spring Azure

Eastern Tailed-Blue

2

2

8

0

5

9

3

0

3

4

4

3

3

2

0

7

9

Nehnevaj
1980s

1

5

437

1

0

8

2

3

13

8

4

0

7

1

7

0

39

2013 Survey
Total
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Gray Hairstreak

*Striped Hairstreak

Banded Hairstreak

*Edward's Hairstreak

*Hickory Hairstreak

Coral Hairstreak

'Olive' Juniper Hairstreak

Bronze Copper

Gray Copper

American Copper

Little Sulphur

Cloudless Sulphur

Southern Dogface

Orange Sulphur

Common Name
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Species

*Echinargus isola (Reakirt [1867])

Libytheana carinenta (Cramer, 1777)

Danaus plexippus (Linnaeus, 1758)

Euptoieta claudia (Cramer, 1775)

Speyeria cybele (Fabricius, 1775)

*Speyeria aphrodite (Fabricius, 1787)

Boloria selene (Denis & Schiffermüller, 1775)

Boloria bellona (Fabricius, 1775)

Chlosyne gorgone (Hübner [1810])

Chlosyne nycteis (Doubleday, [1847])

Phyciodes tharos (Drury, 1773)

*Euphydryas phaeton (Drury, 1773)

Junonia coenia Hübner, [1822]

Polygonia comma (Harris, 1842)

Polygonia progne (Cramer, 1775)

*Nymphalis vaualbum
(Denis & Schiffermüller, 1775)

Aglais milberti (Godart, 1819)

Family

Lycaenidae

Nymphalidae

Nymphalidae

Nymphalidae

Nymphalidae

Nymphalidae

Nymphalidae

Nymphalidae

Nymphalidae

Nymphalidae

Nymphalidae

Nymphalidae

Nymphalidae

Nymphalidae

Nymphalidae

Nymphalidae

Nymphalidae

Table 2. Continued.

1

1

1

0

3

2

9

3

8

5

5

1

4

4

1

2

4

Nehnevaj
1980s

0

0

1

5

52

17

230

11

0

34

1

14

750

25

101

0

0

2013 Survey
Total
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Milbert's Tortoiseshell

*Compton Tortoiseshell

Gray Comma

Eastern Comma

Common Buckeye

*Baltimore Checkerspot

Pearl Crescent

Silvery Checkerspot

Gorgone Checkerspot

Meadow Fritillary

Silver-bordered Fritillary

*Aphrodite Fritillary

Great Spangled Fritillary

Variegated Fritillary

Monarch

American Snout

*Reakirt's Blue

Common Name

2014
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Species

Nymphalis antiopa (Linnaeus, 1758)

Vanessa atalanta (Linneaus, 1758)

Vanessa cardui (Linneaus, 1758)

Vanessa virginiensis (Drury, 1773)

Limenitis arthemis arthemis (Drury, 1773)

Limenitis arthemis astyanax (Fabricius 1775)

Limenitis archippus (Cramer, 1775)

Asterocampa celtis (Boisduval & Leconte, [1835])

Asterocampa clyton (Boisduval & Leconte, [1835])

Enodia anthedon Clark, 1936

Satyrodes eurydice (Linnaeus, 1763)

Megisto cymela (Cramer, 1777)

Cercyonis pegala (Fabricius, 1775)

Family

Nymphalidae

Nymphalidae

Nymphalidae

Nymphalidae

Nymphalidae

Nymphalidae

Nymphalidae

Nymphalidae

Nymphalidae

Satyridae

Satyridae

Satyridae

Satyridae

Table 2. Continued.

58
133
8

69
114
14

# SGCN butterflies:
# SGCN species:
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Species Richness:

2860

345

Total Butterflies:

9

2

2

1

30

17

15

0

5

29

18

22

2013 Survey
Total

441

2

0

1

6

3

2

0

1

0

1

2

0

Nehnevaj
1980s

5

Common Wood-Nymph

Little Wood-Satyr

Eyed Brown

Northern Pearly-eye

Tawny Emperor

Hackberry Emperor

Viceroy

Red-Spotted Purple

White Admiral

American Lady

Painted Lady

Red Admiral

Mourning Cloak

Common Name
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(Table 2). Eight SGCN species found by Nehnevaj were not found in 2013: the
sleepy duskywing (Erynnis brizo Boisduval and Leconte), columbine duskywing
(Erynnis lucilius Scudder and Burgess), striped hairstreak (Satyrium liparops
Leconte), two-spotted skipper (Euphyes bimacula Grote and Robinson), dusted
skipper (Atrytonopsis hianna Scudder), Compton’s tortoiseshell (Roddia vaualbum Denis and Schiffermüller), Reakirt’s blue (Echinargus isola Reakirt), and
pepper and salt skipper (Amblyscirtes hegon Scudder) (Table 2). Six SGCN
species were found both in the 1980s and summer of 2013: ottoe skipper (H. ottoe), wild indigo duskywing (Erynnis baptisiae Forbes), Baltimore checkerspot
(E. phaeton), common roadside skipper (Amblyscirtes vialis W.H. Edwards),
aphrodite fritillary (Speyeria aphrodite Fabricius), and the Edward’s hairstreak
(Satyrium edwardsii Grote and Robinson). Two SGCN species were found in
2013 that were not collected by Nehnevaj: the hickory hairstreak (S. caryaevorum) and Leonard’s skipper (H. leonardus).
In 2013, SGCN species were found at all of the sites surveyed except for
Heritage Valley. The ottoe skipper (H. ottoe) (n = 34) was found on six hill prairie
sites (Table 2). Leonard’s skipper (n = 7) and Baltimore checkerspot (n = 17) were
each found on a single site. The wild indigo duskywing (n = 47) was found on seven
sites. The Edward’s hairstreak (n = 2), hickory hairstreak (n = 3) and common
roadside skipper (n = 9) were each found on three sites. The aphrodite fritillary (n
= 14) was found on four sites.
Sites surveyed in 2013 varied in species richness from 31 species at Black
Hawk Point to 14 species at Heritage Valley (Table 3). Shannon Diversity Index
values for 2013 ranged from 3.796 at Zoll’s Mountain to 1.971 at Bear Creek Hill
Prairie (Table 3). The site with the highest evenness was Zoll’s Mountain (J´ =
0.790) while Bear Creek had the lowest evenness at (J´ = 0.505) due to a large
number of S. cybele (Table 3). Bear Creek had the largest number of butterflies
observed per observer minute (0.566) while Chimney Rock Hill Prairie had the
fewest (0.139) (Table 3).
Analysis of aerial photos revealed an overall loss of 55.4% of the hill prairies
since the late 1980s. Nehnevaj’s 1980s sites (Table 1) decreased in area by an
average of 64.0% since the 1980s (Table 3). Three of his sites had 100% area
loss, or complete cedar cover (McLaughlin Drive, Riverside Drive, Sunflower
Drive), and one exhibited 78% loss (Hwy 76 Waterloo Creek). None of these
four sites were sampled in 2013. Of the ten hill prairie sites surveyed in 2013
(Table 3), there was a 39.7% average area loss from the 1980s. All hill prairies
surveyed in 2013 have lost area since the 1980s except Heritage Valley, which
was manually cleared of J. virginiana in 2009 by the INHF intern crew. The
eight hill prairie sites (Table 1) collected in the 1980s by Nehnevaj and surveyed
by us in 2013 had an average area loss of 48.7%.
Discussion
Collections are a valuable tool for analyzing butterfly populations. They
provide physical identification confirmation and locality data that can be used
in future years for comparison, review, and genetic analysis. However, several
difficulties arise in attempting to compare a collection to a single-season survey.
It is important to note that though Nehnevaj’s collection provides evidence of
which species were present during his collection period, it does not provide
abundance information, and absence of a species in a collection cannot be used
to prove that a species was not present. It is impossible to tell whether a species was truly absent from a specific site at that time, if the collector simply
missed that species, or if a decision was made not to include that species in the
collection. For example, it is likely that the Leonard’s skipper was present on
Allamakee County hill prairies in the 1980s as well as 2013, but was simply not
collected by Nehnevaj, even though his collections overlapped with the Leonard’s
skipper’s flight period.

143

193

262

218

169

Potter's Prairie

Prairie Song Farm

Solitaire Ridge East

Solitaire Ridge West

Weymiller

345

279

Honeywell

Nehnevaj 1980s

183

Heritage Valley

233

394

Clear Creek Fen

2860

114

Chimney Rock

2013 Total

312

Black Hawk Point

unknown

0.304

0.165

0.278

0.377

0.297

0.350

0.252

0.311

0.406

0.359

0.139

0.347

0.566

69

58

28

21

23

30

20

18

28

14

26

21

31

15

Species
Richness

114

133

28

29

6

9

1

2

13

0

19

12

5

9

# SGCN
butterflies

14

8

4

4

2

3

1

1

3

0

2

3

2

1

# SGCN
species

5.535

3.850

3.796

3.172

3.317

3.345

3.115

3.014

3.736

2.854

3.581

3.112

3.406

1.971

Shannon
Index (H')

0.005

0.001

0.011

0.018

0.012

0.014

0.014

0.020

0.009

0.009

0.005

0.026

0.012

0.011

H′
variance

0.906

0.657

0.790

0.722

0.733

0.682

0.721

0.723

0.777

0.750

0.762

0.709

0.688

0.505

Evenness
(J′)

-64.0

-39.7

-56.6

-19.8

-24.0

-38.3

n.a.

-74.8

-57.3

15.8

n.a.

-56.8

-62.3

-23.1

Acreage
Change
(%)
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Zoll's Mountain

360

Total

Bear Creek

Site

Butterflies/
minute

Table 3. Summary of number of butterflies, butterfly observation rate, species richness, species of greatest conservation need (SGCN) as
designated by the IDNR, Shannon diversity index (H’), Pielou’s Evenness Index (J’), and % change in acreage since the 1980s at twelve sites
in Allamakee County, Iowa surveyed during 2013. Total acreage change refers to the average percent loss on the combined Nehnevaj and
2013 sites since the 1980s.
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An added complication in comparing a collection to our 2013 survey is that
Nehnevaj’s collection was amassed over a series of years, which would account
for yearly fluctuations in abundance. In our 2013 survey, butterfly populations
were widely rumored to be low, and flooding hindered our ability to access sites
to make surveys in late June. Notably absent from the 2013 survey were two
butterflies typically common in Northeast Iowa: the question mark, Polygonia
interrogationis (Fabricius), and Milbert’s tortoiseshell, Aglais milberti (Godart).
These species were previously listed as uncommon and common, respectively, in
neighboring Winneshiek County, also based on a one-year survey (Larsen and
Bovee 2001). Both species have been shown to undergo yearly fluctuations in
abundance, which could account for their scarcity (Cassie 1986-1990, Walton 19861990). Surveys spanning several years would provide a more complete picture
of which butterflies actually occupy Allamakee hill prairies and other habitats.
Survey time may also have limited the number of species observed in 2013.
Surveys did not begin until mid-June, potentially bypassing the flight periods of
the dusted skipper (A. hianna) and pepper and salt skipper (A. hegon), which fly
primarily from mid-May to late June, and mid-May, respectively (Schlicht et al.
2007). Additional surveys might also be conducted in the late summer. A limited
number of surveys occurred during the Leonard’s skipper flight time, making
it possible that this species resides on other sites that were either not surveyed
during its late-August to October flight period, or were surveyed infrequently
(Schlicht et al. 2007). More species might be detected by conducting additional
surveys in spring and fall when we were unable to survey during 2013.
Decreased species richness from the late 1980s to our survey in 2013 could
also be attributed to the significant decrease in hill prairie habitat in Allamakee
County over the last 25 years. Encroachment by J. virginiana fragments butterfly habitat, decreases light availability to prairie plants, increases moisture,
and hinders seed dispersal, preventing growth of grassland species beneath
the canopy (Briggs et al. 2002). Red cedar is native to northeastern Iowa and
its encroachment onto open areas and grassland is part of the natural cycle of
succession (Briggs et al. 2002). However, changes to the landscape have interrupted the regular disturbances that limit the spread of J. virginiana, making management necessary for the maintenance of high quality open prairie
(Swengel and Swengel 2001).
Fire has been shown to be a part of the historic prairie landscape and
controlled burns have proven to be an effective method for removing fire intolerant species like J. virginiana from the landscape (Briggs et al. 2002). However,
fire in the absence of refugia is a potential cause for the extirpation of prairie
specialist butterflies (Swengel and Swengel 2007). Fire can diminish butterfly
populations by burning up eggs and larvae on the host plants that they occupy.
In this way, management activities can potentially have a negative effect on
prairie butterflies (Swengel et al. 2011). Setting aside enough prairie refugia
that butterflies can repopulate after burns appears to be vital in maintaining
their populations on fire-managed sites (Swengel and Swengel 2007). Alternative management techniques, like cutting of woody invaders, light grazing,
rotational mowing or haying, and spot herbicide applications have been offered
as less impactful alternatives (Swengel and Swengel 2007, Swengel et al. 2011).
It had been assumed that many prairie-dependent butterfly species had
been extirpated from Iowa due to the loss of prairie habitat and the excessive
use of fire as a management tool (Schlicht et al. 2007). This study provides
evidence that some rare prairie-dependent butterflies like the ottoe skipper
and Leonard’s still inhabit some isolated and unmanaged hill prairie sites in
Northeast Iowa and are not yet extirpated from the state.
Hill prairies are ideal habitat for the ottoe skipper, as they have been
shown to prefer habitats with discontinuous sod, such as the bare rocky outcrops
and sandy patches on hill prairies (Selby 2005, Swengel and Swengel 2013).
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The ottoe skipper is classified as having the highest level of prairie dependence
because it is found significantly more often on undegraded prairies (Swengel
and Swengel 2013).
The Iowa Wildlife Action Plan (IDNR 2007) has designated the ottoe
skipper an imperiled species (S2) with declining populations and given it a
special concern (SC) protection status (Selby 2005). On a national level, the
ottoe skipper is listed as vulnerable to extirpation (N3), a rank attributed to
species with a restricted range, few populations, or other factors (Selby 2005).
The ottoe skipper is currently listed globally as vulnerable to apparently secure
(G3G4) (Selby 2005).
A relationship can be observed between Shannon Diversity Index and
evenness values and estimation of prairie quality. Sites noted to have high
quality prairie like Zoll’s Mountain and Honeywell possessed the highest Shannon Diversity Index and evenness values and also possessed high numbers of
SGCN butterflies. Degraded prairie like Bear Creek, which was made up of hill
prairie and degraded old-field habitat, had the lowest Shannon Diversity Index
and evenness. This was expected, as higher quality prairie can support a larger
variety of butterflies, including prairie specialists (Schlicht and Orwig 1992).
We believe five of our surveyed sites should be specifically designated as
“hot spots” for conservation consideration because of their SGCN butterfly species
richness. All five of these sites are currently privately owned, appear to have
high-quality hill prairie habitat, and host a relatively large number of SGCN
butterflies. These sites included Zoll’s Mountain (4 SGCN species), Chimney
Rock (3 SGCN species), Honeywell (3 SGCN species), Solitaire East (3 SGCN
species) and Weymiller (4 SGCN species) hill prairies. The ottoe skipper and
wild indigo duskywing were found all five of these sites. Each of these sites
experienced a large decrease in acreage from the 1980s, averaging 45.8% loss.
Area loss ranged from 57.3% at Honeywell hill prairie to 19.8% at Weymiller
hill prairie. Small privately-owned and often unmanaged sites are not regularly
surveyed for butterflies, however these private sites in Allamakee County appear to harbor a number of rare species not observed in larger, publically-owned
and managed sites. Privately-owned lands may be important sites for locating
species previously thought to be extirpated from the state.
For butterflies and other hill-prairie specialist insects to be effectively
conserved, surveys like this must be conducted to locate populations and monitor
the impact of habitat change. Current threats to Allamakee County hill prairies
are removal by mining for frac sand and invasion by red cedar. It is crucial
to protect and manage these vulnerable, privately-owned sites for appropriate
conservation efforts as they are small biodiversity “hot spots” for these rare hill
prairie butterflies. The continued disappearance of hill prairie habitat due to
environmental change or destruction by frac sand mining will further reduce hill
prairie habitat and likely lead to the extirpation of these hill prairie specialist
butterfly species from Iowa.
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Establishment, Impacts, and Current Range of Spotted
Knapweed (Centaurea stoebe ssp. micranthos) Biological
Control Insects in Michigan
B. D. Carson1, C. A. Bahlai1, and D. A. Landis1*

Abstract
Centaurea stoebe L. ssp. micranthos (Gugler) Hayek (spotted knapweed)
is an invasive plant that has been the target of classical biological control in
North America for more than four decades. Work in the western U.S. and
Canada has shown the seedhead-feeding weevils Larinus minutus Gyllenhal
and Larinus obtusus Gyllenhal (Coleoptera: Curculionidae) and the root-boring
weevil Cyphocleonus achates (Fahraeus) (Coleoptera: Curculionidae) to be the
most effective C. stoebe control agents. These three weevils have recently been
introduced into the eastern U.S., including sites in Michigan in 2007 and 2009.
In 2010, we made additional releases at six sites in Michigan, monitoring them
for three years 2011-13. Here we report on the establishment, impact, and current range of L. minutus, L. obtusus, and C. achates in Michigan. We also report
on the initial results of native plant overseeding treatments that were applied
to biological control release sites with the aim of supplementing the nectar
source C. stoebe provides. We found that L. minutus has established at all of its
Michigan release sites and is widespread in the southwestern part of the state,
while L. obtusus has established at the single site where it was released in 2007
and is spreading to adjoining counties. We also found C. achates to be present
at four sites and established at one additional site in Michigan, but in all cases
abundances are low and dispersal has been minimal (< 10 m). In the three years
following the 2010 releases, we found no measurable impacts of these biological
control agents on C. stoebe growth, demographics, or plant community metrics.
We also found little evidence of native flowering plant establishment at seeded
sites. These baseline data will be useful in monitoring the spread and potential
impacts of biological control agents on C. stoebe in Michigan.
____________________

Centaurea stoebe L. ssp. micranthos (Gugler) Hayek (spotted knapweed)
is an herbaceous plant native to southern and eastern Europe. In its home
range, the species occurs at relatively low densities and is well integrated into
grassland communities (Sheley et al. 1998). In contrast, C. stoebe is considered
highly invasive in North America and frequently becomes the dominant species
in grassland, rangeland, and old field habitats. Populations of C. stoebe are now
found throughout much of the continental United States, with the exceptions
of Texas, Oklahoma, and Mississippi (USDA 2013). Long considered a pest in
western U.S. rangelands, it is estimated that C. stoebe costs ranchers as much
as $155 million in annual gross revenue in Montana alone (Griffith and Lacey
1991). Infestations of C. stoebe have also been shown to cause dramatic decreases
in plant diversity, ecosystem functioning, and utilization of land by wild and
domesticated foraging animals (Watson and Renney 1974, Hakim 1979, Lacey
et al. 1989, Sheley et al. 1998, Mummey and Rillig 2006). More recently, C.
stoebe has also become a serious invader in the eastern and midwestern U.S.,
Michigan State University, Department of Entomology, 204 CIPS, 576 Wilson Road,
East Lansing, MI 48824.
*
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threatening the ecological integrity of natural areas. In Michigan, C. stoebe has
been documented as an invader of rare native ecosystems, including dry sand
and dry-mesic prairies (Kost 2004), mesic sand prairies (Kost and Slaughter
2009), dry-mesic southern forests (Lee 2007), oak barrens (Cohen 2001), oak-pine
barrens (Cohen 2000), and open dunes, where it is often considered a primary
threat to biodiversity (Albert 1999). At the Pictured Rocks National Lakeshore
in northern Michigan, Marshall and Storer (2008) found that C. stoebe invasion
of open dune habitats had adverse effects on native plant communities and
altered insect community composition.
Despite the efforts of land managers, conventional control methods, including herbicides and mowing, have not adequately controlled the spread of
C. stoebe. In the U.S., western states, notably Montana, Colorado, and Washington, have spearheaded the effort to use classical biological control to slow
and reverse the invasion of C. stoebe and Centaurea diffusa (diffuse knapweed)
(Watson and Renney 1974, Story and Anderson 1978, Sheley and Jacobs 1997,
Corn et al. 2009). More recently, agencies in the eastern U.S. have begun making
their own biological control releases targeting C. stoebe (http://www.biocontrol.
entomology.cornell.edu/weedfeed/Larinus).
Biological control of C. stoebe in Michigan began with the release of two species of seedhead flies, Urophora affinis Frauenfeld and Urophora quadrifasciata
Meigen (Diptera: Tephritidae) in Isabella County in 1994 by USDA APHIS PPQ.
Subsequent surveys in 1998-2000 detected U. quadrifasciata in all 83 Michigan counties and U. affinis in 24 counties (Lang et al. 2001). A 2009 survey by
Landis and Sebolt (unpub. data) showed that both seedhead flies remain widely
established in both peninsulas in Michigan. While seedhead infestation rates
in Michigan are high (U. quadrifasciata averaged 78.1% and U. affinis averaged
52.5% in 2009), C. stoebe densities also remain high, confirming the reported inefficiency of these two agents in controlling C. stoebe (Myers et al. 2009).
The introduction history of the two seedhead-feeding weevils and rootboring weevil for biological control of C. stoebe in Michigan is complex. Based
on the request of commercial biological control agent suppliers, in 2007, USDAAPHIS issued permits for the interstate transport of the root-boring weevil
Cyphocleonus achates (Fahraeus) (Coleoptera: Curculionidae) and the two
seedhead-feeding weevils, Larinus minutus Gyllenhal, and Larinus obtusus
Gyllenhal (Coleoptera: Curculionidae), into Michigan. Releases of these insects
were subsequently made at two sites in southern Michigan by private and
public land managers (Table 1). However, due to the concerns of commercial
beekeepers in Michigan, who value C. stoebe as a midsummer nectar source,
further issuance of biological control agent release permits was suspended in
2008. In 2009, the USDA-Forest Service requested and received a permit to
conduct controlled releases of C. achates and L. minutus in the western part of
Michigan’s Upper Peninsula.
While performing preliminary searches for C. stoebe biological control
insects in 2011, we unexpectedly found L. minutus in two Michigan counties
near the Indiana border, ca. 60 km from any known Michigan release sites.
After additional investigation, we discovered that the Indiana Department of
Natural Resources had made releases of L. minutus and C. achates in Bristol,
Indiana, at a site 2.5 km from the Michigan border (Van Driesche et al. 2002).
These releases were made in 1996, and we concluded that they are the most
likely source of the L. minutus population occurring in southwestern Michigan
(Carson and Landis, in review).
Following the 2007 and 2009 Michigan releases, interest in C. stoebe biological control increased, and the Michigan Department of Natural Resources
(MDNR) contracted with Michigan State University to establish biological
control research sites on MDNR lands. In 2010, we made releases at six MDNR
managed sites in Michigan, monitoring them for agent establishment and

2009

Iron, Gogebic,
Houghton

Schoolcraft

Schoolcraft

Crawford

Roscommon

Ionia

Jackson

Ottawa National

Seney North

Seney South

Camp Grayling

Houghton Lake

Flat River

Sharonville

2010

2010

2010

2010

2010

2010

2007

Kalamazoo

Kalamazoo

2007

1996

Year of
Release

Oakland

Elkhart (Indiana)

County

Lake Orion

Site Name

+

+

+

+

+

+

+

-

+

+

Larinus
minutus

-

-

-

-

-

-

-

+

-

-

Larinus
obtusus

+

+

+

+

+

+

+

+

+

+

Cyphocleonus
achates

W84.14593

W85.21220

W84.89275

W84.62825

W86.05508

W86.04817

Not available

W85.76245

W83.29482

W85.77141

Longitude

N42.19637

N43.12400

N44.31051

N44.78453

N46.34072

N46.34626

Not available

N42.28951

N42.75865

N41.73578

Latitude

Table 1. Sites and species of C. stoebe biological control weevils released in Michigan and bordering states. These include a 1997 release
made by the Indiana DNR, two 2007 releases made by private landholders, a 2009 release made by the USFS, and six 2010 releases made by
MSU.
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impact for three years during 2011–13. Releases of L. minutus and C. achates
at these sites have two goals: 1) to test the efficacy of these C. stoebe biological
control agents in Michigan, and 2) to investigate the potential for establishing
native flowering plant species that can supplement the floral resources C. stoebe
provides to native and managed pollinators, addressing beekeeper concerns in
regard to loss of floral resources. Here, we report the initial establishment and
current range of these introduced biological control insects, their impacts on
C. stoebe populations, and the results of the native plant establishment trials.
Methods
Site selection and control agent releases. In collaboration with
MDNR staff, we identified 6 sites (hereafter called 2010 release sites) to test
the impacts of biological control agent release on C. stoebe and the potential for
re-vegetation with native nectar producing plants (Table 1; Fig. 1). These sites
were located on state-owned lands and formed a north-south transect allowing for
future exploration of latitudinal differences in establishment and effectiveness
of biological control agents. At each site, we selected two C. stoebe-dominated
areas on similar soil types. Weevil release and control (no-release) fields were
located ≥ 800 m apart, as Alford (2013) reported that in Arkansas, L. minutus
spread was only 112.5 m/yr in the first two–three years post release.

Figure 1. Reported releases of Larinus spp. and C. achates biological control agents of
C. stoebe in Michigan and Indiana. * indicates Branch Co., where L. minutus weevils
from the Bristol, IN release were first detected in MI.
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All fields were initially monitored in September–October 2009 to document the presence/absence of C. stoebe biological control agents. At this time,
we collected C. stoebe seedheads and roots, inspecting them for evidence of
infestation by Urophora spp. (galls), Larinus spp. (pupal cases or exit holes)
or C. achates (larval damage to roots) (Wilson and Randall 2005). In late-July
through mid-August 2010, we visited each field to conduct initial monitoring.
In release fields, we established a grid of 3 × 3 m plots with 1 m buffers (n = 16)
to allow for C. stoebe monitoring and replicated trials of native plant overseeding (Fig. 2). In control fields, we established four 3 × 3 m plots to monitor the
plant community and potential future dispersal of biological control agents. We
collected baseline plant community and C. stoebe demographic data using the
methods detailed below.
On 11–13 August 2010, releases of 368 L. minutus and 41 C. achates per
field were made at all 6 release sites. Biological control insects were field collected in collaboration with Monika Chandler of the Minnesota Department of
Agriculture (MNDA) from established populations near Bemidji, Minnesota.
The location where L. minutus was collected was known to have L. obtusus
present in low numbers. After weevil collection, all specimens were examined
and putative L. obtusus were removed and frozen. Subsequent identification of
these specimens in the lab confirmed their identity as L. obtusus. The remaining
L. minutus and C. achates were divided equally for release at the six Michigan
release fields. At the time of release, containers with weevils were opened at
the base of C. stoebe plants at four equidistant locations within each release
field (Fig. 2) and the weevils allowed to disperse naturally.

Figure 2. The experimental design of 2010 C. stoebe biological control release and control fields in Michigan. Each release field had subplots which either received no seed
additions, high diversity 2011, low diversity 2011, or high diversity 2012 seed addition
treatments.
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Native plant seed additions. We developed “low” and “high” diversity
mixes of native plants for re-vegetation of C. stoebe sites undergoing biological
control. Both contained a mix of native grasses and forbs that were comparatively low-cost, readily available, provided a range of flowering times, and were
deemed appropriate for sites typical of C. stoebe infestations (i.e., dry to dry-mesic
soils, full to partial sun, generally low fertility). Our low diversity mix contained
eight forb species and three grass species, and our high diversity mix contained
16 forb species and three grass species. All seeds were obtained from Michigan
Wildflower Farm in Portland, Michigan. The total weight of grass and forb seed
was kept approximately equal in both treatments (Table 2).
Native plant seed mixes were overseeded into 3.0 m × 3.0 m experimental
plots (Fig. 2) in the fall of 2011, with four plots receiving the high diversity mix,
four plots receiving the low diversity mix, four designated as unseeded controls,
and four plots held in reserve for future use. We used a completely randomized
experimental design. Seed mixes for each plot were prepared in the lab and
stored in airtight plastic cups until seeding. In the field, the perimeter of each
plot was delineated with a 1.0 m tall corrugated plastic frame to confine the
seed to the exact plot. The seed mix for each plot was evenly mixed with sand
and 100 mL of water, and this mixture was hand-sown evenly within each plot
receiving seed treatments. In 2012, the reserved plots were seeded with the
high diversity mix. During the 2012 seeding, the western half of each plot was
raked to increase opportunity for seed-soil contact. All seeding was conducted
after the first frost between 15 October and 15 November in 2011–12. Plots in
control fields received no seed additions.
Weevil establishment at 2010 release sites. To monitor the establishment and growth of L. minutus and C. achates populations, each release
field was surveyed annually from 2011–2013. Establishment was defined as
survival of an open release for two or more years (Harris 1991). Surveys occurred during mid-July and mid-August, when the greatest number of adult
weevils was expected to be present. This expectation was verified by the results
of a phenological study (Carson 2013). When possible, insect populations were
sampled during warm days, when insects are most active.
At each field, 200 sweeps with a standard 37 cm diameter sweep net were
made within 10 m of the north, south, east, and west sides of the research plots,
with 50 sweeps taken from each side. The sweeps were focused on dense C. stoebe
patches and were aimed at the top half of the plants, where adult Larinus spp.
and C. achates are reported to occur (Stinson et al. 1994, Wilson and Randall
2005). The contents of each set of 50 sweeps were examined, and C. achates and
L. minutus weevils were counted. A subsample of 20 Larinus spp. individuals
were kept for identification. When fewer than 20 individuals were captured, we
collected as many as possible. These were brought back to the lab and frozen
and then identified to species level. Sweeps were also conducted at each control
field to determine whether biological control insects had yet spread to the control
field from the release field. These were made within 10 m of each side (north,
south, east, west) of the plots, with 25 sweeps taken from each side (100 total).
Fewer sweeps were taken at the control fields because the research plot area
was smaller than that at the release fields.
Native plant establishment and biological control impacts on the
plant community. In the early, mid, and late summer in 2012 and the early
and late summer in 2013, we searched each 3 × 3 m plot in the release fields for
signs of establishment of the native plant mixes. Near the end of C. stoebe’s peak
bloom period in early-mid August, we took measurements of plant community
diversity and C. stoebe population demographics at each site in 2011–2013. In
each year, we began sampling at southern sites, progressing northward.
Within each 3 × 3 m research plot, we established a permanent 1 × 1 m
sampling quadrat (Fig. 2). Within this quadrat, two researchers independently
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Table 2. Species and seeding rates for low and high diversity seed mixes for re-vegetation of 2010 C. stoebe biological control sites with native nectar plants in Michigan.
Species

kg/ha

seeds/m2

Anemone cylindrica

0.14

13

Asclepias syriaca

0.98

14

Coreopsis lanceolata

0.42

30

Euphorbia corollata

0.42

12

Liatris aspera

0.56

32

Monarda fistulosa

0.14

44

Rudbeckia hirta

0.14

45

Solidago nemoralis

0.04

37

Total Forbs

2.84

227

Low Diversity Mix
FORBS

GRASSES
Andropogon gerardii

0.84

30

Koeleria macrantha

0.28

198

Schizachyrium scoparium

1.12

47

Total grasses

2.24

275

Total seed

5.08

502

Anemone cylindrica

0.07

6

Asclepias syriaca

0.49

7

Aster laevis

0.14

27

Coreopsis lanceolata

0.21

15

Desmodium canadense

0.56

11

Euphorbia corollata

0.21

6

Gnaphalium obtusifolium

0.01

12

Helianthus divaricatus

0.35

6

Liatris aspera

0.28

16

Monarda fistulosa

0.07

22

Monarda punctata

0.14

44

Penstemon digitalis

0.14

64

Rudbeckia hirta

0.07

23

Solidago juncea

0.02

18

Solidago nemoralis

0.02

19

Solidago speciosa

0.07

23

Total forbs

2.84

320

High Diversity Mix
FORBS
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Table 2. Continued.
Species

kg/ha

seeds/m2

GRASSES
Andropogon gerardii

0.84

30

Koeleria macrantha

0.28

198

Schizachyrium scoparium

1.12

47

Total grasses

2.24

275

Total seed

5.09

595

evaluated the percent cover of each plant species. The average of the two estimates
was recorded. Within one 20 × 50 cm microplot located in the southwestern corner
of each 1 × 1 m quadrat, we counted the number of C. stoebe rosettes, stems, adult
plants, and seedheads and measured the height of the five tallest C. stoebe plants.
Adult stems rising from the same basal rosette were considered to belong to the
same plant. To investigate biological control impacts on C. stoebe populations, we
compared the percent cover, rosette density, and mean plant height of C. stoebe
across years at the release and control fields at each site using repeated measures
ANOVA. For all sites and measures, ANOVA assumptions were checked using
the Shapiro-Wilk test for normality and the Equal Variance test. Because these
assumptions were both met for the majority of analyses (13/15 analyses, with one
site where percent cover was non-normal and mean plant height was observed to
have unequal variance), and no one analysis violated both assumptions, ANOVA
was applied to all comparisons for consistency. The Holm-Sidak method for
multiple comparisons was applied to compare responses within treatments and
between years. For all statistical tests, alpha = 0.05.
State-wide distribution of C. stoebe biological control insects. To
evaluate the statewide distribution, density, and rate of spread of C. stoebe
biological control insects in Michigan, we conducted sweep net surveys along
roadsides in 2011–2013. Sampling was conducted within the peak of Larinus
spp. activity, between 20 June and 25 July (Carson and Landis, in review).
Surveys for C. stoebe biological control insects were conducted along arterial
highways and connecting main roads throughout much of Michigan’s lower
peninsula (except northeast) at intervals of approximately 20 km. Starting
in southern Michigan and proceeding northward, a systematic driving route
was planned that encompassed a quadrant of the state that had not yet been
sampled that season. While driving, we located patches of C. stoebe along the
roadside or at highway off-ramps. To qualify for sampling, patches had to be a
minimum of 50 square meters in area and contain at least 70% cover of C. stoebe.
Once a location was chosen for sampling and its longitude and latitude were
recorded (Garmin GPS 2 Plus), we took 60 sweeps in the C. stoebe patch using the
methodology described above. After sampling, we returned to driving along the
designated route. After traveling 15 km, we began searching for another patch
of C. stoebe to sample. This process was repeated until we completed the route.
During the roadside sampling in 2011–2013, it became apparent that
there was a large and nearly contiguous population of L. minutus in southwestern Michigan that may have originated from a 1996 release made in Bristol,
Indiana. To delineate the northern edge of this population, we narrowed the
distance between samplings to 1.5 km as we approached the suspected edge of
the population (i.e., as detections decreased). Sampling was continued at this
distance until two samples in a row were negative. Sampling then resumed along
the designated route at intervals of approximately 20 km. Here we also report
C. stoebe biological control monitoring data from the USFS that was taken from
three counties in the western Upper Peninsula of Michigan.
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Results
Weevil establishment at 2010 release sites. In 2011, adult L. minutus were recovered at Grayling and Houghton Lake and adult C. achates were
recovered at the two Seney release fields (Table 3). In 2012, adult L. minutus
were recovered at all six release fields and adult C. achates were recovered at
two additional sites, Grayling and Houghton. Finally, in 2013, adult L. minutus
were recovered at all six sites and adult C. achates were recovered from release
fields at Sharonville and again at Seney North. In all, C. achates was recovered
from every release field except Flat River over the 3 year sampling period. Additionally, with the exception of Grayling in 2013, the observed density of L.
minutus increased in the release fields each year. In contrast, L. minutus were
not found at any control fields, with one exception. In 2013, a single L. minutus
was found just outside of the control field at Houghton Lake. It is unclear if this
insect dispersed to the site on its own or was inadvertently transported there by
individuals conducting the sampling. Individual beetles identified as L. obtusus
were found at Sharonville and Grayling release fields in 2012, and Flat River,
Houghton Lake, and Sharonville release fields in 2013, suggesting that low numbers of L. obtusus were present in the stock of L. minutus released at these sites.
Native plant establishment and biological control impacts on the
plant community. The yearly plant community and C. stoebe demographic
sampling from 2010–2013 did not provide clear evidence of biological control
agent impact. While we detected statistically significant differences in the mean
number of C. stoebe rosettes, mean C. stoebe plant height, and mean C. stoebe
percent cover between many release and control fields, these differences did
not follow a consistent pattern, and the release fields never showed a decrease
in these metrics over time that was not also matched by similar decreases at
control fields. For example, significant differences in mean C. stoebe cover at
Seney (Fig. 3) and in mean rosette number and plant height at Flat River (Fig.
4) probably reflect preexisting field-level conditions. Although we observed a
net decrease of rosettes at the Seney release site while the number of rosettes
increased in the control field, and this interaction was statistically significant,
this result was not generalizable across sites. While rosette number declined
at the Flat River release field, similar changes also occurred at the control field.
Thus, there was no indication that these differences were caused by the effect
of newly introduced biological control weevils and could be a result of natural
year-to-year variation in the C. stoebe community at each site. Plant metrics
and demographic results from all 2010 releases are available in Carson (2013).
We detected little germination of native plants introduced to the release
fields, with the exception of Monarda punctata L. found in one 2011-seeded
plot in 2013. This species was not found elsewhere in this field and it is highly
likely these seedlings originated from our seed mix. Apart from this single occurrence, none of the seeded species were found growing in the seed addition
plots, including those that received a raking treatment.
State-wide distribution of C. stoebe biological control insects. In
2011, we sampled 29 different sites in 24 counties. In 2012, we sampled 66
sites in 28 counties, and in 2013, we sampled 74 sites in 28 counties. In 2011,
we found C. achates at the Seney North and Seney South sites in Schoolcraft
County in the Upper Peninsula. In 2012, we found C. achates at two additional
sites, Camp Grayling and Houghton Lake. By 2013, C. achates was recovered
at Sharonville and at the 2007 Oakland County release site, as well as at 2009
USFS release sites in Gogebic and Houghton Counties. Thus, C. achates is present at sites in Schoolcraft, Crawford, Roscommon, Jackson, Oakland, Gogebic,
and Houghton Counties (Fig. 5). All of the sites of C. achates recovery were at
known release sites for the species, and C. achates was never observed more
than 10 m from a release point.

Sample
Year

2011

2012

2013

2011

2012

2013

2011

2012

2013

2011

2012

2013

2011

2012

2013

2011

2012

2013

Site

Seney North

Seney North

Seney North

Seney South

Seney South

Seney South

Grayling

Grayling

Grayling

Houghton Lake

Houghton Lake

Houghton Lake

Flat River

Flat River

Flat River

Sharonville

Sharonville

Sharonville

91

23

0
22

10

na

17

11

na

18

10

na

2

5

na

9

3

na

5

1

na

L. minutus in
subsample

1

1

na

1

0

na

1

0

na

0

1

na

0

0

na

0

0

na

L. obtusus in
subsample

0.46

0.04

0.00

1.13

0.21

0.00

0.28

0.07

0.01

0.01

0.04

0.01

0.05

0.02

0.00

0.03

0.01

0.00

Larinus spp.
per sweep avg.

1

0

0

0

0

0

0

2

0

0

1

0

0

0

1

2

0

1

Total Cyphocleonus
recovered
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85

0

56

28

1

2

7

1

9

3

0

5

1

0

Total Larinus
sp. recovered

Table 3. Spotted knapweed biocontrol insect recovery at release sites during 2011, 2012, and 2013.
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Figure 3. Mean (± SEM) of C. stoebe plant response variables at Seney Release 1 in
year of biological control agent release (2010) and three subsequent years. Data were
collected from 20 cm × 50 cm subplots. ** indicates a consistent overall significant
difference between release and control treatments. Rosettes refer to seedlings and
juvenile plants.
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Figure 4. Mean (± SEM) of C. stoebe plant response variables at Flat River in year of
biological control agent release (2010) and three subsequent years. Data were collected
from 20 cm × 50 cm subplots. ** indicates a consistent overall significant difference between release and control treatments. Rosettes refer to seedlings and juvenile plants.

Figure 5. Occurrence of the C. stoebe biological control weevil C. achates in Michigan in 2011–2013, by county.
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In 2011, we found L. minutus in eight counties (Schoolcraft, Crawford,
Roscommon, Ionia, Jackson, Oakland, Kalamazoo, and Branch), and it was also
recovered by the USFS in three additional counties (Gogebic, Iron, and Houghton) in the Upper Peninsula (Fig. 6). Seven of the counties where it was found
were known to be release sites of the species, but two counties in southwestern
Michigan (Kalamazoo and Branch) did not contain any known release sites.
During 2012, we found L. minutus in 17 counties. Again, the species was found
in seven southwestern counties that had no known releases (Berrien, Cass, Van
Buren, St. Joseph, Branch, Calhoun, Kalamazoo, Jackson, and Allegan). In
these counties L. minutus occurred in abundance, often exceeding one weevil
per sweep. It seemed unlikely that these L. minutus populations had spread
and grown from any release site in Michigan, because weevils at other known
release sites remain locally distributed for many years (Carson 2013) and most
likely arose from the 1996 Indiana release.
In 2013, we observed an apparent continued expansion of the Indiana
population of L. minutus. They were found in five additional counties (Kent,
Barry, Eaton, Hillsdale, and Lenawee), and the northernmost point that they
existed in detectable levels shifted 45 km northward. L. minutus continued to
be recovered at all of the release sites in Michigan, but no additional populations
were found outside of those derived from either the Indiana release or known
Michigan releases.
In 2011, the only observed population of L. obtusus occurred in Kalamazoo County (Fig. 7), at the site of the 2007 release of this species. In 2012, we
detected populations in two adjacent counties (Allegan and VanBuren). We also
recovered L. obtusus at two sites (Grayling and Sharonville) where we had made
releases of L. minutus. These later recoveries indicate that there were probably
small numbers of L. obtusus mixed in with the L. minutus released at those
sites in 2010. By 2013, we had found L. obtusus in eight additional counties.
Populations in Kent, Ottawa, Ionia, Barry, and Eaton counties are adjacent
to the original 2007 Kalamazoo County release, and a nearly uninterrupted
population of L. obtusus now occupies that part of the state. The 2013 detection
of L. obtusus in Lenawee and Monroe counties in southeastern Michigan was
unexpected. The nearest known Larinus spp. release to these two recovery sites
was in Sharonville, 14 and 38 km, respectively, from the Lenawee and Monroe
County detections. However, at Sharonville, we have only recovered two individual L. obtusus weevils and they were confined to the immediate release site,
and thus it is unlikely that the Sharonville release could explain the Lenawee
and Monroe County detections.
Discussion
Of the six 2010 C. stoebe biological control release sites, L. minutus is
well established at the three southernmost sites and seems likely to persist at
all six sites. In contrast, C. achates has only been recovered in low numbers at
five of the six sites and considered established at only one site (Seney North).
However, C. achates has been reported to have a slow initial population growth
rate (Story et al. 1997, Story and Stougaard 2006), and its populations may
increase in the future.
While multiple biocontrol agents occur at most sites, our plant data shows
that there has not yet been a quantifiable impact on C. stoebe populations. This
is likely because insects have not been present at release sites for long enough
to reach the densities necessary to impact C. stoebe recruitment. Sites that are
near to the 1996 Bristol, Indiana release still have C. stoebe populations that
appear robust, despite the presence of L. minutus for over a decade (D. Landis,
pers. obs.). While C. achates was reported to be released at this site, it has not
been recovered (R. Dunbar, Indiana Department of Natural Resources, pers.
comm.). Studies conducted in the western U.S. and Canada suggest that while

Figure 6. Occurrence of the C. stoebe biological control weevil L. minutus in Michigan in 2011–2013, by county.
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Figure 7. Occurrence of the C. stoebe biological control weevil L. obtusus in Michigan in 2011–2013, by county.
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Larinus spp. are able to reduce C. stoebe infestations, it is able to persist in the
presence of substantial seedhead predation (Story et al. 2008).
Western studies indicate that C. achates is the key to reducing C. stoebe
densities (Clark et al. 2001, Seastedt et al. 2003, Jacobs et al. 2006, Story and
Stougaard 2006), and the combination of L. minutus and C. achates has an even
stronger impact on C. stoebe populations (Knochel et al. 2010). Because C. achates has been slow to establish at release sites in Michigan, it will be some time
before we can confirm if a similar trend will occur in this region.
During the two years we monitored plant communities at release sites,
we found little establishment of the seeded native plants. Allelopathic (Callaway and Ridenour 2004) or competitive effects of C. stoebe may have impacted
survival of native plant seedlings. However, other research has shown that it
is possible to germinate (Emery and Gross 2006) and establish (MacDonald et
al. 2013) similar native plant species into C. stoebe stands in Michigan with
minimal site preparation. The summer of 2012 was characterized by unusually high temperatures and drought conditions which likely decreased survival
of seedlings germinating from the fall 2011 seeding. However, conditions were
more favorable in 2013 and yet we still observed little germination from either
2011 or 2012 seed additions. It is also possible that our seeding rate (≈ 5 kg/ha)
was too low for native seeds to compete with C. stoebe seeds, which were already
present in the soil in high numbers. More research is needed to develop reliable
methods for native plant introductions into C. stoebe stands.
Throughout the three years of sampling, we documented multiple expanding populations of L. minutus in Michigan. The six populations derived from the
2010 MSU release sites are spreading locally and individuals can be detected
up to 2 km from the original release points (Carson 2013). The population of L.
minutus arising from the 2007 release at Lake Orion has spread up to 10.5 km
but is still contained within Oakland County (Carson and Landis, in review).
In contrast, the southwest Michigan population, which we believe arose from
the 1996 release made in Bristol, Indiana, now covers parts of 14 counties. This
population appears to be expanding both north and eastward (Fig. 6). The rate
at which this population is expanding is much greater than that of the more
recent Michigan releases and points towards increasing dispersal rates with
time since release (Carson and Landis, in review).
In 2011, L. obtusus was only known to occur at a single release site in
Kalamazoo County but by 2013 was found in 13 Michigan counties (Fig. 7).
Most of the occurrences of L. obtusus can be explained by either dispersal from
the Kalamazoo release or by the presence of low numbers of L. obtusus in the
2010 releases of L. minutus. However, the detection of L. obtusus in southeast
Michigan (Monroe and Lenawee counties) in 2013 was unexpected. It is possible that these weevils came from an unreported release in Michigan or Ohio.
In addition to natural dispersal, it is also possible that human activity is
aiding in the spread of these biological control agents. For example, roadside
mowing equipment, such as large “brush hog” mowers, frequently accumulate
plant matter on their decks, which, if not cleaned off, could result in the longdistance transport of C. stoebe and associated biological control insects. Similarly, we have observed C. stoebe seedheads trapped in the bumper of vehicles
after driving in fields or two-track roads containing C. stoebe infestations. At
certain times of the year, these seedheads could contain Larinus or Urophora
spp. that could potentially be transported long distances.
Human activity also has the potential to negatively affect knapweed weevils. Destructive C. stoebe management techniques, such as mowing, herbicide
use, or burning, could slow or potentially prevent the initial establishment of
both C. achates and L. minutus populations at release sites. However, our results
show that established L. minutus populations occupy most knapweed stands
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within a landscape. Even if local populations are exterminated by C. stoebe
management, those C. stoebe stands will quickly be re-populated by dispersing
weevils. Because of its slower growth and low dispersal rates, C. achates would be
less likely to re-populate managed sites. This should be taken into consideration
when combining C. stoebe biological control with other management techniques.
In summary, L. minutus has established at every site at which they were
released in Michigan, and L. obtusus has become established in the counties
surrounding its initial release in Kalamazoo County, and is also present in small
numbers at several L. minutus release sites. The abundance of L. minutus is
increasing at release sites and these populations are expanding spatially, while
C. achates populations are showing little sign of growth or expansion. There
has not yet been a measurable impact of biological control on C. stoebe population demographics on the sites we studied, but as C. achates density increases,
we anticipate potential reductions in C. stoebe density. Our efforts to establish
native flowering plants at C. stoebe biological control sites have not yet been
successful, though it is still possible that we will see germination in later years.
Overall, these data provide a baseline for future studies of the expansion and
potential impacts of C. stoebe biological control agents in Michigan. We expect
that, over time, the effects of these three biological control agents will accumulate, and the density of C. stoebe will be reduced, improving the efficacy of
restoration efforts involving native plants.
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A Comparison of the Effectiveness of Pitfall Traps and
Winkler Litter Samples for Characterization of Terrestrial Ant
(Formicidae) Communities in Temperate Savannas
Sean B. Menke1* and Nicole Vachter1

Abstract
Relatively few studies in temperate environments have compared pitfall
traps and Winkler litter samples, two of the most commonly used ant (Formicidae) sampling protocols. Most of the comparative work has been performed in
tropical and subtropical environments. Temperate studies have primarily taken
place in forested environments. Our study focuses on the relative efficiency of
these two methods in temperate oak savannas, the major ecotone connecting
grasslands and deciduous forest in the Midwest. These environments are often
maintained by fire and mechanical brush removal, which tends to decrease
the amount of available leaf litter. We sampled 21 sites, varying in age since
restoration from un-restored to 22 years of restoration activities in McHenry
Co. Illinois. Each site was sampled with 30 pitfall traps and five Winkler litter
samples. A total of 38 species in 17 genera in 5 subfamilies were captured and
identified. Pitfall traps accounted for 37 of the species, while Winkler litter
samples only captured 23 species, and only one species specific to that method.
We conclude that in northern temperate savannas, pitfall traps were more
effective and more efficient at characterizing the epigeic ant community than
Winkler litter samples.
____________________

Ants (Formicidae) are one of the most common and abundant terrestrial
animals on the planet, occupying every environment except for those permanently covered in ice (Hölldobler and Wilson 1990). Ants forage at all trophic
levels and often serve as ecosystem engineers, by transporting soil nutrients and
acting as mutualists with a variety of arthropods and plants (Hölldobler and
Wilson 1990). In addition, many species are successful colonizers of disturbed
habitats and respond to environmental change quickly, which often leads to their
considerable economic impact as both agricultural and urban pests (Hölldobler
and Wilson 1990). Because ants are functionally important and common in
most environments, they are increasingly used as bioindicators for ecosystem
health (Majer et al. 2007). Using ant communities to study ecosystem health has
many advantages because ants are easy to collect, have high species richness,
a good taxonomic base, and stationary nesting habits, so they can be sampled
over time (Agosti et al. 2000). Ant communities or individuals species have been
successfully identified as indicators of environmental stress and disturbance
in a variety of tropical environments (Hoffmann and Andersen 2003, Majer et
al. 2007); however, little work has been done in temperate environments (but
see Kaspari and Majer 2000, Bestelmeyer and Wiens 2001, Fagan et al. 2010,
Orlofske et al. 2010). While ant communities may be relatively easy to sample,
different techniques are used based on environment and experimental design.
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Common sampling techniques for terrestrial ants include pitfall traps,
leaf litter sifting, baiting, and hand collecting (Agosti et al. 2000). The most
successful and efficient technique often depends on the research question and
the environment in which it is being used (Bestelmeyer et al. 2000). In addition,
different protocols and methods can be employed with each sampling technique
(Bestelmeyer et al. 2000). This variety of methodologies and increasing interest
in large scale comparative studies has led to the recent push to standardize sampling protocols so that different studies can be compared more directly (Agosti
and Alonso 2000, Agosti et al. 2000, Gotelli et al. 2011). The Ants of the Leaf
Litter Protocol (ALL) was proposed by Agosti and Alonso (2000) as a general
method to allow for the rapid inventory of most terrestrial ant species (≥70%) in
different environments by combining the use of pitfall traps and Winkler litter
samples. The greatest benefit of the ALL protocol is that by combining pitfall
traps with Winkler litter samples, the respective weaknesses of each method
are minimized and sampling does not require expertise in ant biology (Agosti
and Alonso 2000, Bestelmeyer et al. 2000). One of the greatest advantages of
pitfall traps is that they involve multi-day continuous passive sampling, but
they can miss wary species and those with small foraging ranges (Bestelmeyer
et al. 2000). Winkler litter samples are a single time snapshot of the ants present, which is good for collecting cryptic species with small forging ranges and
for capturing trap-wary species, but it tends not to capture large active species
(Bestelmeyer et al. 2000). One of the limitations of the proposed ALL protocol
is that most of the testing of the protocol’s efficiency has taken place in tropical
forested environments (Fisher et al. 2000), while relatively little comparative
work has been done in temperate environments (but see Martelli et al. 2004,
Groc et al. 2007) where using both pitfall trapping and Winkler litter sampling
may be redundant rather than complementary.
The simultaneous use of both Winkler litter samples and pitfall traps was
initially designed for forested environments (Agosti et al. 2000). In a direct comparison of the efficiency of pitfall and Winkler litter sampling in multiple Amazonian
forests, de Souza et al. (2012) found that pitfalls were more efficient (on average
90% of the ant fauna was collected) than Winkler litter samples (on average 26%
of the ant fauna was collected), with their combined coverage on average capturing
94% of the ant fauna. Pitfall traps have also been found to be more efficient than
Winkler litter samples in the wet-deciduous forests of the Western Ghats (Sabu and
Shiju 2010). Conversely, Winkler litter samples have captured more ant species
and different species than pitfall traps in Madagascar tropical forests, Brazilian
Atlantic forests, and Amazonian forests (Fisher et al. 2000). In more open tropical
savanna environments, the differences between pitfall traps and Winkler litter
samples are also mixed. Lopes and Vasconcelos (2008) found that Winkler litter
samples outperformed pitfall traps in more covered environments, but as the canopy
thinned, pitfalls performed better in the Brazilian Cerrado. Parr and Chown (2001)
found pitfall traps to perform better in the South African savanna, and van Ingen
et al. (2008) were unable to successfully use Winkler litter samples in Australian
savannas due to lack of litter. In tropical grasslands in Madagascar, Winkler litter
samples outperformed pitfall traps (Fisher and Robertson 2002). While there is
variation in the relative importance of Winkler litter samples versus pitfall traps
in the tropics, in almost all studies Winkler litter samples collected an important
component to the ant community that is missed by pitfall traps.
Far less comparative work on the relative merits of pitfall traps and Winkler
litter samples have been performed in temperate environments. In temperate
forest environments, pitfall traps captured more species than litter collections
using Berlese funnels in upland Florida (King and Porter 2005), and outperformed
Winkler litter samples in the Smokey Mountains of Tennessee and North Carolina (Lessard et al. 2007), New York (Ellison et al. 2007), Canada (Higgins and
Lindgren 2012), and in Austrian mountains and floodplains (Tista and Fiedler
2011). Conversely, pitfall traps captured fewer species than litter collections us-
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ing Berlese funnels in Florida hardwood hummocks (King and Porter 2005), and
captured fewer species than using Winkler litter samples in Tennessee (Martelli
et al. 2004), urban forest fragments in Ohio (Ivanov and Keiper 2009), and pine
and oak forests in France (Groc et al. 2007). In the two temperate studies of open
environments such as savannas and grasslands, both of which have taken place
in Europe, pitfall traps were found to capture more species than Winkler litter
samples, but in some cases the species collected by each method were complementary (Groc et al. 2007) while in others Winkler litter samples were mostly
redundant compared to pitfall traps (Tista and Fiedler 2011).
In North America, oak savannas are the major ecotone connecting
grasslands and deciduous forest in the Midwest (Peterson and Reich 2001,
Cavender-Bares and Reich 2012). These savannas are fire maintained systems
characterized by 25-50% discontinuous cover of shrubs and trees (Peterson and
Reich 2001). Oak savannas have been in decline caused by a combination of fire
suppression, agricultural and grazing practices, and changing climate during
the Holocene (Abrams 1992). Restoration of Oak savannas usually includes the
removal of invasive brush and trees by cutting and wood chipping followed by
a return to a regular fire cycle (Nielsen et al. 2003, Brudvig and Asbjornsen
2007). Repeated burning can have a negative effect on arboreal and cryptic leaf
litter ants, caused by a decline in the amount of leaf litter and potential nesting
sites (Siemann et al. 1997, Houdeshell et al. 2011). It remains uncertain how
the success of Winkler litter sampling will compare to pitfall trapping in temperate savannas regularly subjected to burning. Therefore, our goal is to help
determine the most appropriate sampling technique for quantitative studies of
ant communities in temperate savanna systems.
Methods
Study Design. Ant diversity was surveyed at 21 sites between June
and July, 2012 using two methods of collection. The sites, located throughout
McHenry County Illinois in savannah environments, varied in age from sites
that have been under restoration for more than 20 years to sites that were unrestored and were undergoing succession to young forests (Fig. 1). To compare
the effectiveness of pitfall traps and Winkler litter samples, we classified the
study sites into four different age categories: unrestored, under restoration for
0-3 years, under restoration for 7-15 years, and under restoration for 20-22 years.
Ants were sampled using two methods at each site. First, we placed 30
50-mL centrifuge tube (27 mm diameter) pitfall traps at each site. Pitfall traps
were placed in a 5 × 6 grid with 15 m spacing between each trap. Each centrifuge tube was filled with 25-mL of propylene glycol with a drop of fragrancefree soap. Pitfalls were buried flush with the soil surface, and left capped, in
place, at each site for at least 48 hours to allow vegetation to recover from the
disturbance. All pitfall traps were opened for 120 hours between 2-3 June 2012
and then collected between 9-10 June 2012 during a span of dry weather. Trap
contents were collected, brought back to the lab and fixed in 95% Ethanol. Second, litter-dwelling ants were extracted from five 1-m2 leaf litter samples using
mini-Winkler traps (Bestelmeyer et al. 2000). Litter samples were collected in
the shape of an “X” with one sample taken from each corner of the pitfall grid
and one from the center of the grid. All litter samples were collected between 19
June and 20 July 2012 between 9 am and 4 pm during peak surface ant activity
and at least 24 hours after any form of precipitation. Litter was chopped and
sieved in the field and then suspended in the lab for 72 hours. All specimens
were preserved in 95% ethanol.
Ants were sorted and identified to species using keys found in The Ants
of Ohio (Coovert 2005) and A Field Guide to the Ants of New England (Ellison
et al. 2012). Representative voucher specimens are deposited at the Chicago
Field Museum of Natural History.
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Figure 1. Location of the 21 study sites in McHenry County, Illinois. Grey areas represent land owned by the McHenry County Conservation District, and symbols show the
location of study sites.
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Data Analyses. All analyses are based on ant workers. Reproductives
were not included because the origin of reproductives can be difficult to track
(Fisher 1998). With respect to comparisons of ant species richness, individual
ant workers in a sample are not the desired metric, while the number of colonies
is (Ellison et al. 2007). Since pitfall traps and Winkler litter samples are unable
to distinguish the number of colonies in a site, our statistical comparisons use
the number of incidences rather than the number of workers. Incidences are the
number of traps in which a species occurred, regardless of abundance in a given
trap (Ellison et al. 2007). We then used three different statistical approaches
to compare the trapping methods for each restoration classification. First, we
constructed sample based rarefaction species accumulation curves. Second,
we calculated the asymptotic species richness for sample-based data using the
Chao2 index. Third, we evaluated the similarity of ant faunas between the two
sampling methods using Chao’s abundance-based Jaccard Index. All statistics
were conducted in EstimateS version 9.1 after being randomized 1000 times
(Colwell 2013).
Rarefaction curves were initially created based on the number of species
captured in each sample. The curves were then rescaled to the same x-axis
for the number of incidences (Gotelli and Colwell 2001) because of large differences in the number of traps placed per site with each method (5 Winkler litter
samples or 30 pitfall traps) (Ellison et al. 2007). For calculation of the rarefaction curves and sample based Chao2 index of asymptotic species richness, we
pooled data from all of the sites for each restoration category. We used Chao’s
abundance-based Jaccard Index to look at the similarity of ant communities
because the comparison of rarefaction curves and estimates of species richness
could yield the same values even if different collection methods capture none
of the same species (Ellison et al. 2007). To calculate Chao’s abundance-based
Jaccard Index, we used the incidences from all sites combined for each trapping method and computed 1,000 random bootstrap samples to calculate the
95% Confidence Intervals. Values for Chao’s abundance-based Jaccard Index
range from 0 – 1, with a value of 0 indicating no shared species between the
two trapping methods while a value of 1 indicates that all species are shared.
If the Confidence Intervals encompass 1.0, we cannot reject the null hypothesis
that the two collections methods share the same composition of species, as is
expected by chance.
We created rank-abundance diagrams based on ant worker incidence
to directly compare the ant fauna captured by pitfall traps and Winkler litter
samples summed across all sites. We tested for differences in species rank
abundances between the two trapping methods using the Wilcoxon Sign-Rank
test using JMP version 8.0 (SAS Institute, Cary, North Carolina, USA).
Results
Overall 6,086 individual ant workers representing 38 species in 17 genera
in 5 subfamilies were captured in our combined pitfall traps and Winkler litter
samples and are listed with their authority and subfamily names in Table 1.
Captured individuals were spread evenly between pitfall traps (3,004 workers representing 1,298 incidences) and Winkler litter samples (3,082 workers
representing 277 incidences). Overall, pitfall traps captured 37 species (mean
± SE, 2.3 ± 0.07) with two species only occurring once (Formica glacialis and
Stenamma impar). Winkler litter captured 23 species (mean ± SE, 2.6 ± 0.2)
with four species occurring once (F. montana, M. detritinodis, M. punctiventris,
and Prenolepis imparis). Pitfall traps captured more species than Winkler litter
samples regardless of the age of restoration of the site; un-restored (pitfall/Winkler) = 19/13, 0-3 years under restoration = 17/12, 7-15 years under restoration
= 30/20, and 20-22 years under restoration = 34/15 (Table 1). Out of 560 pitfall
traps, 88% captured ant workers, while out of 105 Winkler litter samples, 83%
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Formica pallidefulva

P

(Buren, 1944)

Formica dolosa

B

Camponotus pennsylvanicus (De Geer, 1773)

P

B

(Say, 1836)

W

Brachymyrmex depilis (Emery, 1893)

Formicinae

Tapinoma sessile

Dolichoderinae

Stigmatomma pallipes (Haldeman, 1844)

Amblypopninae

All sites

Table 1: Ant species (Hymenoptera: Formicidae) collected in each restoration category by each sampling method (P = Pitfall trap, W = Winkler sample, B = both collection methods).
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P
B
P
P
B
B

(Roger, 1862)

(Fabricius, 1782)

(Emery, 1893)

(Nylander, 1846)

(Mayr, 1870)

(Say, 1836)

Lasius claviger

Lasius neoniger

Lasius umbratus

Nylanderia parvula

Prenolepis imparis

B
B
B

Myrmica n.sp. AF-eva

Myrmica n.sp. AF-smi

B

Myrmecina americana (Emery, 1895)

(Fitch, 1855)

P

Aphaenogaster tennesseensis (Mayr, 1862)

Crematogaster cerasi

B

Aphaenogaster picea (Wheeler, 1908)

Myrmecinae

Lasius flavus

B

(Foerster, 1850)

B

(Say, 1836)

Formica subsericea

Lasius alienus

P

(Emery, 1893)

All sites

Formica rubicunda

Table 1: Continued.

B

B

B

P

B

P

W

B

P

0-3 y of
restoration

B

B

B

B

P

B

B

B

P

P

B

P

B

B

P

7-15 y of
restoration

B

P

B

B

P

B

P

P

P

P

B

P

B

B

20-22 y of
restoration
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B

P

W

B

P

P

P

B

B

B

Unrestored

2014
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B

(Forel, 1901)

Stenamma impar

38
37
23

Total species

Pitfall species

Winkler species

B

13

19

24

W

W

W

B

W

P

P

P

Unrestored

12

17

18

B

P

B

B

P

P

0-3 y of
restoration

20

30

32

B

B

P

B

B

P

P

B

P

W

7-15 y of
restoration

15

34

34

B

B

P

B

P

B

P

B

P

P

20-22 y of
restoration
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Ponera pennsylvanicus (Buckley, 1866)

Ponerinae

B

B

(Mayr, 1886)

Stenamma brevicorne

Tetramorium caespitum (Linnaeus, 1758)

P

(Say, 1836)

Solenopsis molesta

P

B

(Roger, 1863)

Myrmica punctiventris

Temnothorax schaumii (Roger, 1863)

B

Myrmica pinetorium (Wheeler, 1905)

B

P

(Forel, 1901)

Myrmica fracticornis

Temnothorax curvispinosus (Mayr, 1866)

B

(Emery, 1921)

All sites

Myrmica detritinodis

Table 1: Continued.
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Figure 2. Trap-level rarefaction curves for all 21 sites sampled with pitfall traps (560
traps, solid line) and Winkler litter samples (105 traps, dashed line) with 95% confidence intervals. Curves are corrected for the number of incidences in the samples.

collected ant workers. The mean number of ants captured per pitfall trap was
lower than that for Winkler litter samples (mean ± SE, 5.4 ± 0.3 and 29.3 ± 6.1
respectively).
Comparisons of species accumulation curves for all 21 sites combined
demonstrated that pitfall traps captured significantly more species than Winkler litter samples (Fig.2). When the data were analyzed based on the age of
restoration, differences between pitfall traps and Winkler litter samples were
only significant for unrestored sites (Fig. 3A). For sites that have been under
restoration for less than 3 years and 7-15 years, Winkler litter samples accumulated species slightly more rapidly, but results were not statistically significant,
as determined by overlap of 95% confidence intervals (Fig. 3B and C). In sites
that had been under restoration for 20-22 year pitfall traps accumulated species more rapidly than Winkler litter samples, but not significantly so, based on
overlap of 95% confidence intervals (Fig. 3D). Total estimated species richness
was significantly greater for pitfall traps (37 species) than for Winkler litter
samples (24 species) (Fig. 4).
Pitfall traps and Winkler litter samples appear to collect different subsets
of species based on the age of restoration of the savannah (Fig. 5). The 95%
confidence intervals for Chao’s abundance-based Jaccard Index of similarity
between the two sampling methods included 1.0 (100% similarity) for sites that
had been under restoration (Fig. 5). While the 95% confidence intervals did not
overlap 1.0 (100% similarity) for sites that had not been restored, suggesting
that the trapping methods were collecting different species.
The rank abundances of species differed significantly (Wilcoxon sign-rank
statistic = -318.0, P < 0.0001) between pitfall traps and Winkler litter samples

Figure 3. Rarefaction
curves comparing pitfall
trapping (solid lines) to
Winkler litter sampling
(dashed line) in different
stages of savannah restoration. (A) Rarefaction
curves for sites that are
unrestored. (B) Rarefaction curves for sites that
have undergone restoration in the past 3 years.
(C) Rarefaction curves
for sites that have been
under restoration for 7-15
years. (D) Rarefaction
curves for sites that have
been under restoration
for 20-22 years. For clarity, the 95% confidence
intervals (gray areas)
are shown only for the
pitfall traps. Widths of
confidence intervals are
similar for Winkler litter
samples.

158
THE GREAT LAKES ENTOMOLOGIST
Vol. 47, Nos. 3 - 4

2014

THE GREAT LAKES ENTOMOLOGIST

159

Figure 4. Chao 2 asymptotic estimates of species richness comparing pitfall traps (filled
circles) and Winkler litter samples (open squares) at sites with different amounts of
time since restoration. Error bars represent 95% confidence intervals.

(Fig. 6). The five most common ant species in pitfall traps (Lasius alienus,
Aphaenogaster picea, Camponotus pennsylvanicus, Myrmica AF-smi, Stenamma
brevicorne) account for 56% of all ant incidences, while the five most common species in Winkler litter samples (L. alienus, Ponera pennsylvanicus, Temnothorax
curvispinosus, Brachymyrmex depilis, Myrmica AF-smi) account for 63.5% of
all ant incidences. The most common species in both pitfall traps and Winkler
litter samples was Lasius alienus (16.7% and 19.1% respectively). The second
most common species in pitfall traps, Aphaenogaster picea (10.7%), was only
the 7th most common in Winkler litter samples (6.1%). Ponera pennsylvanica
was the second most common ant species in Winkler litter samples (17%) but
only the 27th most common in pitfall traps (0.7%).
Discussion
Our results demonstrate that in northern temperate savanna systems,
pitfall traps were more effective and more efficient at characterizing the epigeic
ant community than Winkler litter samples. Pitfall traps captured more species
overall than Winkler litter samples, even when correcting for sampling intensity
(Fig. 2). Pitfall traps also collected at least as many species as Winkler litter
samples at different ages of restoration and more species in unrestored sites (Fig.
3). Increased species richness from pitfall sampling occurred despite the fact that
individual pitfall traps captured 5x fewer ants than Winkler litter samples. Of
the 129 species of ants found in Illinois (antweb.org), oak forest savanna sites
have previously been found to contain from 46 species (Talbot 1934) to 42 species
(Gregg 1944). Our asymptotic estimate of species richness from pitfall traps of
37 species was much closer to the number of species observed by Talbot (1934)
and Gregg (1944) than the asymptotic estimated species richness for Winkler
litter samples of 24 species (Fig. 4).
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Figure 5. Similarity in species composition captured by pitfall traps and Winkler litter
samples among sites of different age since restoration, adjusted for unsampled species
(with 95% confidence intervals).

Figure 6. Abundance of ant species from pitfall traps and Winkler litter samples. The
species are ordered by their abundance in pitfall traps.
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Pitfall traps and Winkler litter samples were initially designed to be used
in a complementary manner in the ALL protocol due to the non-overlapping
and additive nature of the species they captured (Agosti and Alonso 2000). In
our study, the two methods were not complementary. In fact, Winkler litter
samples mostly captured a subset of the community trapped by pitfall traps
while adding just one species that was not found in pitfall traps (Table 1, Fig.
6). In savanna sites that had been under restoration for more than 20 years
and hence the best and most mature examples of a savanna community, pitfall
traps captured 34 species while Winkler litter samples only captured 15 species, all of which were also captured by pitfall traps (Table 1, Fig. 5). Winkler
litter samples frequently failed to capture many of the larger, more active ants
captured in pitfall traps. For instance, Winkler litter samples only captured 3
of the 10 Formica species and failed to capture the large active Aphaenogaster
tennesseensis (Table 1). Also, the large species of Aphaenogaster, Camponotus,
Formica, and Myrmica were represented by relatively few incidences in Winkler
litter samples, compared to pitfall traps (Fig. 6). This pattern of reduced capture
success of large ants is commonly observed in studies comparing methodologies
in tropical forests (Olson 1991, de Souza et al. 2012), sub-tropical savannas (Parr
and Chown 2001, Lopes and Vasconcelos 2008), and temperate forests (Ellison
et al. 2007). There are several possible reasons for this discrepancy. Regardless
of habitat, hand collection of litter and the relatively instantaneous nature of
litter collection is likely to exclude large active ants, while small ants that tend
to have smaller ranges and move slowly (Kaspari and Weiser 1999) are, therefore, more likely to be captured by litter sampling (Parr and Chown 2001). In
addition, Winkler litter samples may not have captured species complementary
to those captured in pitfall traps because there are fewer litter specialist species
in temperate environments (Lynch 1981, Kaspari et al. 2000). Finally, effectiveness of Winkler litter samples may have been compromised by the relative lack
of litter in our savannas, resulting from repeated burning and brush removal
during the restoration process (Nielsen et al. 2003, Brudvig and Asbjornsen
2007). Houdeshell et al. (2011) suggest that restoration practices do not affect
the frequency of litter nesting ants, but may influence the community composition. Visually, the amount of leaf litter was greatest in sites that had not been
restored. Early in restoration, the ground was covered in woodchips from brush
clearing, and sites that had been under restoration for longer periods had more
grass litter than tree leaf litter. But, grass litter might not be particularly useful for ant nesting, given that there are no true endemic prairie ants in North
America (Trager 1998).
Two of the drawbacks of Winkler litter samples are that collections must
be processed immediately in the field and they represent an instantaneous
sample of a relatively small sample locality. Parr and Chown (2001) in subtropical savannas and de Souza et al. (2012) in tropical savannas demonstrated
that collecting and processing Winkler litter samples was more time consuming
than pitfall trap samples. One useful measure of effort is the average number
of individual ants collected per sample. For instance, in our study there were
on average 5× more ants to be identified per Winkler litter sample, representing a far greater time commitment. One possible explanation for the reduced
species richness captured in Winkler litter samples is that we only collected 1/6
the number of samples at each site, compared to pitfall traps. This seems like
an unlikely explanation given the shape and general overlap of the incidence
corrected species accumulation curves (Fig. 3). It does not appear that adding
more Winkler litter samples would have significantly increased collections of new
species because 95% confidence intervals for Chao 2 estimated species richness
are relatively small compared to those for pitfall traps at all restorations ages
except for 20-22 years (Fig. 4). This is not surprising, given the relatively low
levels of ant species turnover among sites in temperate environments (Lynch
1981, Lessard et al. 2007). Two potential ways to improve sampling efficiencies in
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temperate savanna environments that lack many litter specialist species would
be to conduct Winkler litter sampling at different times of day to sample across
the full spectrum of ant community activity, and to conduct “maxi-Winkler”
samples. This method consists of collecting litter from many sites in a plot
selected based on “expert” knowledge of high quality ant environments rather
than the standardized 1m2 approach used in this study. The maxi-Winkler
method is useful for general survey work, but makes quantitative comparisons
between trapping methods and localities difficult.
In conclusion, in the common ecotonal environment of the temperate
savanna, using the standard sampling protocol of Winkler litter samples as
advised in the ALL protocol (Agosti and Alonso 2000) appears to capture fewer
species of ants and more ant workers per sample than standardized pitfall trap
sampling. In addition, Winkler litter samples are not complementary in terms of
species captured by pitfall traps. A number of studies (e.g., Ellison et al. 2007,
Groc et al. 2007) have tried to identify the most efficient method of sampling
terrestrial ants in temperate environments with two goals in mind; first and
foremost, to effectively characterize the ant fauna of a region, and secondly to
allow for comparisons between studies. Protocols like ALL are useful in creating
a standardized guide for capturing the majority of ants in a region and comparison of ant faunas between different studies (Dunn et al. 2007, 2009). But, it is
not necessary to follow all aspects of a protocol or order to compare studies, as
long as standardized sampling methods are used. Different studies, that have
sufficiently sampled their environments, can still be compared by accounting
for differential sampling effort. Studies conducted with only pitfall traps appear to capture most of the species in temperate environments and the results
of these studies are readily comparable to those studies in more heterogeneous
and diverse environments that require the full ALL protocol.
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Northern-Most North American Flower Visitation Records of
the Introduced Flower Fly, Syritta flaviventris
(Diptera: Syrphidae) and Comparisons With
Sympatric Species, Syritta pipiens
C. Sheena Sidhu1 and D. J. Biddinger2

Abstract
We report for the first time the syrphid fly, Syritta flaviventris (Macquart),
collected in Lancaster County, Pennsylvania, as the northern-most record for this
introduced Mediterranean species. In total, 3 male specimens and 1 female specimen
were net collected on three flower species (Verbena hastata, Eryngium yuccifolium
and Asclepias incarnata), at a single site of 11 monitored farm sites in southern
Pennsylvania. Floral records for the similar introduced sibling species, Syritta pipiens (L.), are presented as well. Passive monitoring with colored pan traps used to
monitor bee populations at these sites was not effective in collecting either species
of Syritta. Our study suggests that increased active net sampling of Syritta species
may provide more information about this genus' distribution in the New World and
support future research efforts examining Syritta biology and life history.
____________________

The flower fly, Syritta flaviventris Macquart (Diptera: Syrphidae), has a
cosmopolitan distribution (Perez-Banon and Marcos-Garcia 2000, Lyneborg and
Barkemeyer 2005). Its Old World distribution ranges from the northern Mediterranean (Spain to Turkey) and south throughout Africa (Thompson et al. 1990). It
is also found in the South Atlantic on the island of Saint Helena midway between
Africa and South America. Its first New World discovery was in Brazil in 1954, and
soon after it was found in both Chile and Argentina (Thompson 1972). Thompson
et al. (1990) reported the movement of S. flaviventris from Mexico to Texas, and
additional unofficial records place it in Florida and California, (http://bugguide.
net/node/view/124554) Virginia, Georgia, Mississippi, and Kansas (http://eol.org/
pages/752308/maps). Here we report the northernmost U.S. records for S. flaviventris in Lancaster Co., Pennsylvania USA with specimens found in 2012-2013.
There are 23 known Syritta species worldwide, but little is known of their
basic biology and life history. The best studied species, S. pipiens has been
anthropogenically spread throughout the Palearctic, Nearctic and Oriental
regions (Perez-Banon and Marcos-Garcia 2000, Lyneborg and Barkemeyer
2005) and, until recently, was the only species with described immature stages
and life history. Available information indicates that these hover flies are not
aphid feeders as are many other species in this family, but are saprophagous
and occur in various types of decaying plant and animal matter as well as manure, but not in aquatic environments (Thompson et al. 1990, Perez-Banon and
Marcos-Garcia 2000). Perez-Banon and Marcos-Garcia (2000) were the first to
describe the larvae and pupal stages of S. flaviventris and found them feeding
on decaying vegetation of the prickly pear cacti (Opuntia maxima Miller) alongside the more numerous S. pipiens.
Department of Entomology, University of California, Riverside, 900 University Ave.
Riverside, CA 92521.
2
Fruit Research and Extension Center, Entomology, Pennsylvania State University,
290 University Dr. Biglerville, PA 17307.
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Materials and Methods
Samples were collected from floral provisioning strips that were being
evaluated for the conservation and supplementation of pollinators and other beneficial insects important in tree fruit production in Lancaster County, Pennsylvania. In total, 11 such floral provisioning sites were evaluated weekly throughout
the season by passive pan traps and active net collections from plants in bloom
starting in 2009. Net collections of 30 minutes duration were made at each site
during the biweekly visits and host associations were recorded. Additionally, 8
commercial apple orchards were monitored with the same type of pan traps from
2007-2013. Trapping was performed weekly from pre-bloom (March) until the
end of the growing season (mid-October). Weather forecasts were used to place
traps when the weather was favorable for pollinator foraging. A pan trap station was comprised of a triangular, unpainted plywood platform that held three
355 mL plastic bowls recessed into holes; one canary yellow, one white, and one
dark blue (Solo®, Lake Forest, Illinois, USA) to attract arthropod species with
different color preferences. Edges of the pans were within 5 cm of each other.
Bowls were filled with unscented, water-detergent solution (blue Dawn® dish
soap; Procter and Gamble, Cincinnati, Ohio, USA) and placed in the orchard
between 900 hr and 1200 hr then collected 24 hours later to encompass a full
bee flight day. In each orchard, five pan trap stations were placed in a transect
running parallel to apple rows at increasing distances from the edge of the forested patch adjacent to the orchard. Trap stations ranged from 0-200 m from
the forest-orchard interface, and each transect was replicated for a total of 10
pan trap stations per orchard.
Syritta pipiens and S. flaviventris adults are very similar in overall appearance and size, but can be distinguished by several characteristics as described
in a key by Thompson et al. (1990). The easiest characters to differentiate the
two species are the silvery white pillinose face, lack of a spurious vein in the
wing, and a strong basioposterior ventral spur/tubercle on the male hind femur
of S. flaviventris versus a golden pillinose face, spurious vein present, and lack
of a tubercle on the male hind femur of S. pipiens (Figs. 1-3). Additionally, the
dorsal 2nd and 3rd abdominal segments of S. flaviventris have more extensive
orange areas than those of S. pipiens (Fig. 1).
Syrphid specimens collected from pan traps were stored in vials with 70%
ethanol until pinned and labeled. Syrphids were identified to species by D. Biddinger (Penn State University Department of Entomology) based on voucher
specimens identified by Chris Thompson (Smithsonian Collection) and using the
keys in Vockeroth (1992) and Miranda et al. (2013). Specimens of S. flaviventris
were confirmed as new state records by L. Donovall (Pennsylvania Department
of Agriculture). Voucher specimens reside at the Penn State Fruit Research
and Extension Center, Biglerville, PA and the Penn State Frost Entomological
museum, State College, PA.
Results
Out of a total of 4,475 syrphids collected during this study, Syritta sp.
were relatively rare and consisted of only 20 specimens of both S. flaviventris
and S. pipiens species. Only 4 specimens of S. flaviventris were net collected
during this period and only from the Lancaster County pollinator garden site:
2 males collected in 2012 on 10 and 21 July, and 1 male and 1 female on 9 and
16 July 2013. Two males were collected from Verbena hastata L. (blue vervain),
and a single male was collected from Eryngium yuccifolium Michx. (rattlesnake master) and the single female was collected from Asclepias incarnata L.
(swamp milkweed flowers). Of the 16 S. pipiens specimens (5 male, 11 female),
only a single male specimen was collected from apple orchards and in a white
pan trap on 8 October 2009. The remaining specimens were all net collected
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Figure 1. (A) S. pipiens spurious vein present and 2nd & 3rd abdominal segments with
less orange dorsally, (B) S. flaviventris lack of spurious vein and more orange on 2nd
and 3rd abdominal segments.

Figure 2. (A) S. flaviventris silver pillinose face, (B) S. pipiens golden pillinose face

Figure 3. (A) S. flaviventris tubercle on male hind femur, (B) S. pipiens male without
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from flowers in the floral provision strips (5 individuals) and the garden plot
in Lancaster County (9 individuals). The specimens collected from floral provisioning strips were collected on the following flowers (with total indicated in
parentheses): Potentilla recta L. (Rough-fruited Cinquefoil) (2), Daucus carota
L. (Queen Anne’s lace) (1), Erigeron strigosus Muhl. ex Willd (daisy fleabane)
(1), and Cornus obliqua Raf. Silky Dogwood (1); but the majority were from the
Lancaster County garden site on: Eryngium yuccifolium Michx. (rattlesnake
master) (4), Pycnanthemum muticum (Michx.) Pers. (clustered mountain mint)
(2), Monarda fistulosa L. (wild bergamot (1), Veronicastrum virginicum (L.)
Farw. (Culver’s root) (1), Achillea millefolium (yarrow) (1), and Doellingeria
umbellata (Mill.) Nees (flat-topped aster) (1). In the collection of D. J. Biddinger
are three additional specimens of S. pipiens specimens (1 male, 2 females) that
were net collected on Rubus idaeus strigosus (red raspberry) blossoms on July
17, 2002 in Juniata County, Pennsylvania. All 4 specimens of S. flaviventris
were collected in mid-July as were 11 of the 16 S. pipiens. Of the remaining S.
pipiens specimens, 2 were collected in June, 1 in August, 1 in September, and
the pan trapped specimen in October as mentioned previously.
Discussion
While passive pan trap monitoring methods are effective for some bee and
syrphid species, it appears from our study that they are ineffective for capturing Syritta sp. The majority (95%) of our Syritta spp. samples were collected by
active net collecting from flowers. It is likely we would have missed recording
S. flaviventris if we had relied only on passive pan trap monitoring.
It is possible that new records S. flaviventris and S. pipiens can be obtained
through active collecting in other regions to better understand the distribution of
these two anthropogenically spread species. In the Old World it appears that S.
flaviventris and S. pipiens are sympatric only in the Mediterranean Basin area
of southern Europe and northern Africa (Lyneborg and Barkemeyer 2005), but
it would appear that both species currently co-exist throughout the southern
U.S., at least as far north as southern Pennsylvania. Based on plant hardiness
zones for the U.S. and Europe and Africa, it would appear that S. flaviventris is
presently only found in growth zones 7–10 in the Old World, which suggests that
southern Pennsylvania, at a growth zone 7, may be approaching its northern
limit in North America.
Previous North American floral visitation records for S. flaviventris were
limited to Schinus, Serjania and Polygonium (Thompson et al. 1990), but this
study has added 3 new floral records for S. flaviventris and some additional
floral hosts for S. pipiens. Adults of both species not only feed on flowers, but
also search for mates at floral sites (Gilbert 1986). Collectively, this information
can be used to improve collection of Syritta species which can be used to initiate further study into the biology and life history of this understudied syrphid
fly genus.
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Stink Bugs (Hemiptera: Heteroptera: Pentatomidae) of
Minnesota: An Annotated Checklist and New State Records
Robert L. Koch1, 3, David A. Rider2, Paul P. Tinerella2, and Walter A. Rich1

Abstract
Pentatomidae have been relatively poorly documented in Minnesota.
Based on literature and museum records, an annotated checklist of the Pentatomidae of Minnesota was created. State-level and county-level records for
Minnesota and the distribution of each species in North America are provided.
Fifty-one species of Pentatomidae (12 Asopinae, 37 Pentatominae, and 2 Podopinae) are recorded for Minnesota. Of this total, 15 species are newly recorded
for the state. Knowledge of the fauna of Pentatomidae in Minnesota will be
important for providing baseline data for monitoring of potential shifts in the
fauna resulting from the invasions of exotic Pentatomidae. Furthermore, a list of
native Pentatomidae will be necessary for monitoring non-target impacts, if classical biological control is implemented for management of exotic Pentatomidae.
____________________

In the continental U.S. and Canada, the family Pentatomidae (i.e., stink
bugs) comprises about 222 species (Froeschner 1988). The invasions and range
expansions of several exotic Pentatomidae have brought a new level of attention
to this family in North America. Recent invaders include Halyomorpha halys
(Stål) (Hoebeke and Carter 2003), Bagrada hilaris (Burmeister) (Palumbo and
Natwick 2010), and Agonoscelis puberula Stål (Thomas et al. 2003). Furthermore, the ranges of two established exotic species, Piezodorus guildinii (Westwood) and Picromerus bidens (Linnaeus) are expanding (Tindall and Fothergill
2011, Swanson et al. 2013).
Knowledge of the native and established fauna of Pentatomidae will be
important for providing baseline data for monitoring changes in diversity or
abundance that may occur after the invasion of exotic species. Changes to the
existing fauna could result from competitive interactions among species (Reitz
and Trumble 2002, Kenis et al. 2009). For example, in parts of Japan, nonnative Nezara viridula (L.) has replaced the native Nezara antennata Scott
(Kiritani 2011). Furthermore, a checklist of species within this family is needed
to facilitate assessment of potential non-target impacts of management tactics
implemented against invasive Pentatomidae, especially if classical biological
control is considered for management of these pests (e.g., Leskey et al. 2012,
Talamas et al. 2013).
McPherson’s (1980) call for the creation of updated species lists of Pentatomoidea for states with obvious gaps, such as Minnesota and Wisconsin, has
remained largely unanswered. Despite recent attention to the pentatomoid
fauna of North America (Bundy 2012, O’Donnell and Schaefer 2012, Packauskas
2012, Rider 2012, Sites et al. 2012, Swanson 2012, Zack et al. 2012, Paiero et al.
2013), this group has been relatively poorly documented in Minnesota. Records
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Paul, MN 55108.
2
Department of Entomology, North Dakota State University, NDSU Dept. 7650, P. O.
Box 6050, Fargo, ND 58108.
3
Corresponding author (e-mail: koch0125@umn.edu).
1

172

THE GREAT LAKES ENTOMOLOGIST

Vol. 47, Nos. 3 - 4

for the occurrence of various species specifically in Minnesota are scattered in
the literature (i.e., Walker 1867; Uhler 1871; Lugger 1900; Van Duzee 1917;
Hart 1919; Hussey 1921; Stoner 1921; Knight 1952; Barber and Sailor 1953;
McPherson 1980, 1982; Froeschner 1988; Rider and Chapin 1992; Rider 1995,
2012). However, a comprehensive, updated checklist for this family in Minnesota
is lacking. Therefore, based on museum records and literature, we present a
checklist of the Pentatomidae of Minnesota annotated with locality information.
Materials and Methods
An annotated checklist of species of Pentatomidae known to occur in Minnesota was generated by review of the literature and examination of holdings
in the University of Minnesota Insect Collection (UMSP), North Dakota State
University Insect Collection (NDSU), University of North Dakota Insect Collection (UND), and the personal collection of David A. Rider (DAR). The extensive
regional insect collection from the University of Minnesota Cedar Creek Ecosystem Science Reserve, Anoka County, Minnesota, recently was accessioned to the
UMSP and also was examined for relevant material. State-level and countylevel records for Minnesota and the North American distributions, primarily
from McPherson (1982), are provided for each species. Minnesota counties are
shown in Fig. 1. General taxonomic keys used to identify or verify material
were McPherson (1982), Rider (2012), and Paiero et al. (2013). Nomenclature
follows Froeschner (1988), except in cases of subsequent nomenclatural changes.
Asterisks (*) following species names indicate new records for Minnesota.

Figure 1. Map of Minnesota counties.
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Results and Discussion
Our review of the literature, reconciliations of recent taxonomic actions,
and examination of DAR, NDSU, UMSP, and UND specimens resulted in a final
checklist of 51 species of Pentatomidae (12 Asopinae, 37 Pentatominae, and 2
Podopinae) for Minnesota. Fifteen of these species are newly recorded for the
state and include Apoecilus cynicus (Say), Perillus exaptus (Say), Zicrona caerulea (Linnaeus), Agonoscelis puberula Stål, Banasa calva (Say), Banasa dimidiata (Say), Banasa sordida (Uhler), Dendrocoris humeralis (Uhler), Euschistus
variolarius (Palisot de Beauvois), Holcostethus macdonaldi Rider and Rolston,
Mecidea major Sailer, Mecidea minor Ruckes, Neottiglossa trilineata (Kirby),
Prionosoma podopioides Uhler, and Trichopepla semivittata (Say). In comparison,
the number of species of Pentatomidae recorded for other states or provinces in
the region are 45 from North Dakota (Rider 2012), 57 from Missouri (Sites et
al. 2012), 50 from Michigan (Swanson 2012, Swanson et al. 2013), and 47 from
Ontario (Paiero et al. 2013).
Records of three species are of particular interest. Halyomorpha halys, an
Asian species first detected in Minnesota in 2010 (Koch 2014), continues to be
found as an invader of human-made structures. Agonoscelis puberula, an African
species detected in Mexico, Jamaica, Hispaniola and the southern U.S. (Thomas
et al. 2003), is reported for the first time in the north central U.S. A single specimen of A. puberula was found, and its continued presence in Minnesota needs to
be confirmed by further collecting. In addition, four male specimens of M. major
were found. Mecidea major is generally considered a southern species previously
known to occur as far north as Missouri and southern Illinois (McPherson 1982).
Further collecting is needed to confirm an established population in Minnesota.
Beyond the species presented in the checklist, some additional species may
occur in Minnesota. Euschistus politus Uhler has been reported from Minnesota
(Malloch, in Hart 1919); however, this record for Minnesota is questionable,
because Malloch stated: “‘In addition to these, there is a much darker female
specimen from Minnesota, labeled by Mr. Hart ‘politus?’”. Euschistus politus
recently has been reported for Missouri (Sites et al. 2012), Michigan (Swanson
2012), and Ontario (Paiero et al. 2013). Amaurochrous dubius (Palisot de
Beauvois) was recorded by Uhler (1876) from Minnesota; however, it has since
not been cited from the state and no new specimens have been located. The
geographic ranges of Hymenarcys nervosa (Say) and Mcphersonarcys aequalis
(Say) likely include Minnesota (McPherson 1982), but specimens or reports in
the literature specific to Minnesota were not found. Hymenarcys nervosa and M.
aequalis have both recently been reported for Kansas (Packauskas 2012), Missouri (Sites et al. 2012), and Michigan (Swanson 2012). Further work is needed
to document the fauna of the other families of Pentatomoidea in Minnesota.
PENTATOMIDAE Leach, 1815
PENTATOMIDAE: ASOPINAE Spinola, 1850
Apoecilus bracteatus (Fitch, 1856)
Minnesota (Hart, 1919, as Apateticus crocatus): Clay Co. (DAR, NDSU),
Clearwater Co. (UND), Cook Co. (UMSP), Hennepin Co. (UMSP), Kittson Co.
(UMSP), Polk Co. (UMSP), Pope Co. (UMSP), Ramsey Co. (UMSP), Stearns
Co. (DAR).
North America: Reported from “Quebec and New England west to Vancouver, Canada, Idaho, Colorado, New Mexico, Utah, and California” (McPherson
1982, as Apateticus bracteatus).
Apoecilus cynicus (Say, 1831) *
Minnesota: Chisago Co. (UMSP), Clay Co. (NDSU), Hennepin Co. (UMSP),
Morrison Co. (DAR), Norman Co. (UMSP), Ramsey Co. (UMSP), Waseca Co.
(UMSP).

174

THE GREAT LAKES ENTOMOLOGIST

Vol. 47, Nos. 3 - 4

North America: Reported from “Quebec and New England south to Florida,
and west to Montana, Colorado, Texas, and Arizona” (McPherson 1982, as
Apateticus cynicus).
Perillus bioculatus (Fabricius, 1775)
Minnesota: Anoka Co. (UMSP), Cass Co. (UMSP), Chisago Co. (Knight
1952, UMSP), Dakota Co. (Knight 1952, UMSP), Goodhue Co. (UMSP), Hennepin
Co. (UMSP), Kanabec Co. (Knight 1952, UMSP), Le Sueur Co. (UMSP), Mille
Lacs Co. (UMSP), Nicollet Co. (Knight 1952, UMSP), Olmstead Co. (UMSP),
Otter Tail Co. (UMSP), Pennington Co. (Knight 1952), Ramsey Co. (Knight 1952,
UMSP), Rock Co. (UMSP), Saint Louis Co. (Knight 1952), Scott Co. (Knight
1952, UMSP), Stearns Co. (Knight 1952). Also recorded from Hastings (UMSP),
Itasca State Park (DAR, UMSP), and Princeton (UMSP), but a specific county
could not be determined as these localities span multiple counties.
North America: Reported from “Quebec, Ontario, and New York west to
the Pacific Coast, and south to Florida, New Mexico, Arizona, California, and
lower California” (McPherson 1982).
Perillus circumcinctus Stål, 1862
Minnesota (Stoner 1920, Knight 1952): Anoka Co. (UMSP), Hennepin Co.
(Knight 1952, UMSP), Houston Co. (UMSP), Kittson Co. (UMSP), Mille Lacs Co.
(UMSP), Otter Tail Co. (Hart 1919), Pope Co. (UMSP), Sherburne Co. (UMSP),
Washington Co. (UMSP). Also recorded from Itasca State Park (UMSP), but a
specific county could not be determined as the locality spans multiple counties.
North America: Reported from “Quebec west to Saskatchewan, Canada, and
south to New Jersey, Illinois, Missouri, and Nebraska” (McPherson 1982).
Perillus exaptus (Say, 1825) *
Minnesota: Cass Co. (UMSP), Cook Co. (UMSP), Crow Wing Co. (UMSP),
Lake Co. (UMSP), Mille Lacs Co. (UMSP), Olmstead Co. (UMSP), Polk Co.
(UMSP), Saint Louis Co. (DAR). Also recorded from Itasca State Park and
Kawishiwi River (UMSP), but a specific county could not be determined as these
localities span multiple counties.
North America: Reported from “Quebec and New England west to the
Pacific Coast, and south to New Jersey, Missouri, New Mexico, Utah, and California” (McPherson 1982).
Podisus brevispinus Phillips, 1992
Minnesota (Hart 1919, as Apateticus modestus): Anoka Co. (UMSP), Becker
Co. (DAR), Beltrami Co. (UMSP), Carlton Co. (UMSP), Cass Co. (UMSP), Clay
Co. (DAR), Clearwater Co. (DAR, UMSP), Cook Co. (UMSP), Crow Wing Co.
(DAR), Hennepin Co. (UMSP), Houston Co. (UMSP), Isanti Co. (UMSP), Itasca
Co. (DAR, UMSP), Kanabec Co. (UMSP), Lake Co. (UMSP), Morrison Co. (DAR),
Norman Co. (UMSP), Olmstead Co. (UMSP), Pine Co. (UMSP), Ramsey Co.
(UMSP), Rice Co. (UMSP), Saint Louis Co. (UMSP), Stearns Co. (DAR). Also
recorded from Itasca State Park (DAR, UMSP), Kawishiwi River (UMSP) and
La Crescent (UMSP), but a specific county could not be determined as these
localities span multiple counties.
North America: Reported from “Quebec and New England west to British
Columbia, Montana, and Idaho, and south to North Carolina, Georgia, and New
Mexico” (McPherson 1982, as Podisus modestus).
Podisus maculiventris (Say, 1832)
Minnesota (Walker 1867, as Arma spinosa, Lugger 1900, as Podisus spinosus): Big Stone Co. (UMSP), Blue Earth Co. (UMSP), Brown Co. (UMSP), Chisago
Co. (UMSP), Clay Co. (DAR), Cottonwood Co. (UMSP), Dakota Co. (UMSP), Douglas Co. (UMSP), Fillmore Co. (UMSP), Freeborn Co. (DAR, UMSP), Goodhue Co.
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(UMSP), Hennepin Co. (UMSP), Jackson Co. (UMSP), Lincoln Co. (UMSP), Lyon
Co. (UMSP), Martin Co. (UMSP), McLeod Co. (UMSP), Mille Lacs Co. (UMSP),
Morrison Co. (DAR, UMSP), Nobles Co. (UMSP), Norman Co. (UMSP), Olmstead
Co. (UMSP), Pine Co. (UMSP), Pipestone Co. (UMSP), Pope Co. (UMSP), Ramsey
Co. (UMSP), Rice Co. (UMSP), Rock Co. (UMSP), Saint Louis Co. (UMSP), Scott
Co. (UMSP), Sibley Co. (UMSP), Steele Co. (UMSP), Todd Co. (UMSP), Traverse
Co. (UMSP), Wabasha Co. (UMSP), Waseca Co. (UMSP), Washington Co. (UMSP),
Watonwan Co. (UMSP), Wright Co. (DAR), Yellow Medicine Co. (UMSP).
North America: Reported from “Quebec and New England west to the
Pacific Coast, and south to Florida, Arizona, and California” (McPherson 1982).
Podisus placidus Uhler, 1870
Minnesota (Hart 1919, as Apateticus placidus): Anoka Co. (UMSP), Carlton
Co. (UMSP), Cass Co. (UMSP), Clearwater Co. (Rider 2012, UMSP), Crow Wing
Co. (UMSP), Hennepin Co. (UMSP), Houston Co. (UMSP), Isanti Co. (UMSP),
Kittson Co. (UMSP), Lyon Co. (UMSP), Mille Lacs Co. (UMSP), Olmstead Co.
(UMSP), Pine Co. (UMSP), Ramsey Co. (UMSP), Roseau Co. (UMSP), Saint Louis
Co. (NDSU, Rider 2012, UMSP), Washington Co. (UMSP). Also recorded from
Itasca State Park (DAR, UMSP) and Lake City (UMSP), but a specific county
could not be determined as these localities span multiple counties.
North America: Reported from “Quebec west to British Columbia, and
south to New Jersey, Arkansas, Colorado, Utah, and Idaho” (McPherson 1982).
Podisus serieventris Uhler, 1871
Minnesota (Uhler 1871, Hart 1919, as Apateticus serieventris): Crow Wing
Co. (UMSP), Goodhue Co. (UMSP), Itasca Co. (DAR), Lake Co. (DAR, UMSP),
Olmstead Co. (UMSP), Saint Louis Co. (UMSP). Also recorded from Itasca State
Park (DAR, UMSP), but a specific county could not be determined as the locality
spans multiple counties.
North America: Reported from “Nova Scotia and Quebec west to British
Columbia, and south to North Carolina, Florida, New Mexico, Utah, and Idaho”
(McPherson 1982).
Rhacognathus americanus Stål, 1870
Minnesota: Otter Tail Co. (Stoner 1921).
North America: “Reported from Massachusetts northwest to Alberta,
Canada, and southwest through Ohio to Nebraska” (McPherson 1982).
Stiretrus anchorago (Fabricius, 1775)
Minnesota (Lugger 1900): Anoka Co. (UMSP), Houston Co. (UMSP),
Le Sueur Co. (UMSP), Nicollet Co. (UMSP), Olmstead Co. (UMSP), Pine Co.
(UMSP), Ramsey Co. (UMSP), Washington Co. (UMSP).
North America: Reported from “Ontario and New England south to Florida,
and west to Iowa, Kansas, and Texas” (McPherson 1982).
Zicrona caerulea (Linnaeus, 1758) *
Minnesota: Saint Louis Co. (UMSP).
North America: Reported from “Quebec, Hudson Bay, Maine, New Hampshire, and Michigan west to British Columbia, and then south through Idaho,
Utah, and Colorado, New Mexico, Arizona, and California” (McPherson 1982).
PENTATOMIDAE: PENTATOMINAE Leach, 1815
Aelia americana Dallas, 1851
Minnesota: Anoka Co. (UMSP), Clay Co. (NDSU, Rider 2012), Isanti Co.
(UMSP), Polk Co. (NDSU, Rider 2012, UMSP), Pope Co. (UMSP), Red Lake Co.
(UMSP), Roseau Co. (UMSP), Wright Co. (UMSP). Also recorded from Itasca
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State Park (UMSP), but a specific county could not be determined as the locality
spans multiple counties.
North America: Reported from “British Columbia south to Arizona, east
to Manitoba, Michigan, and Illinois” (McPherson 1982).
Agonoscelis puberula Stål, 1854 *
Minnesota: Anoka/Isanti Co. (UMSP). A single specimen was collected
from an old field on 16 July 1996 at the Cedar Creek Ecosystem Science Reserve,
University of Minnesota.
North America: Jamaica, Dominican Republic, Mexico and United States
(Arizona, New Mexico and Texas) (Thomas et al. 2003).
Banasa calva (Say, 1832) *
Minnesota: Anoka Co. (UMSP), Goodhue Co. (UMSP), Houston Co.
(UMSP), Ramsey Co. (UMSP).
North America: Reported from “Quebec, Ontario, and New England south
to North Carolina and Georgia, and west to British Columbia, Oregon, Colorado,
and lower California” (McPherson 1982).
Banasa dimidiata (Say, 1832) *
Minnesota: Anoka Co. (UMSP), Becker Co. (DAR, NDSU), Beltrami Co.
(UND), Carlton Co. (UMSP), Clay Co. (NDSU), Cook Co. (UMSP), Goodhue
Co. (UMSP), Hennepin Co. (DAR, UMSP), Houston Co. (UMSP), Isanti Co.
(UMSP), Itasca Co. (DAR), Lake Co. (UMSP), Meeker Co. (UMSP), Morrison
Co. (DAR), Norman Co. (NDSU, UMSP), Ramsey Co. (DAR, UMSP), Red Lake
Co. (UMSP), Rice Co. (UMSP), Saint Louis Co. (UMSP), Stearns Co. (UMSP),
Washington Co. (UMSP), Wright Co. (UMSP). Also recorded from Itasca State
Park and Lake City (UMSP), but a specific county could not be determined as
these localities span multiple counties.
North America: Reported from “Quebec and New England west to the Pacific
Coast, and south to Florida, Oklahoma, Texas, and California” (McPherson 1982).
Banasa sordida (Uhler, 1871) *
Minnesota: Dakota Co. (UMSP).
North America: Reported from “Ontario and New England west to Vancouver Island, and south to Maryland, Virginia, North Carolina, New Mexico,
and California” (McPherson 1982).
Brochymena quadripustulata (Fabricius, 1775)
Minnesota (Lugger 1900, as Brochymena annulata): Anoka Co. (UMSP),
Brown Co. (UMSP), Carver Co. (UMSP), Cass Co. (UMSP), Chisago Co. (UMSP),
Clay Co. (DAR, NDSU, Rider 2012, UMSP), Dakota Co. (UMSP), Fillmore Co.
(UMSP), Hennepin Co. (UMSP), Houston Co. (UMSP), Kandiyohi Co. (UMSP),
Mille Lacs Co. (UMSP), Norman Co. (UMSP), Olmstead Co. (UMSP), Otter Tail
Co. (UMSP), Ramsey Co. (UMSP), Red Lake Co. (UMSP), Scott Co. (UMSP),
Stearns Co. (DAR, NDSU, Rider 2012), Wabasha Co. (UMSP), Washington Co.
(UMSP). Also recorded from Itasca State Park (UMSP) and Lake City (UMSP),
but a specific county could not be determined as these localities span multiple
counties.
North America: Reported from “southern Canada and the continental
United States, from the Atlantic to Pacific coasts, and ranges south into northern
Mexico, but is most common north of 40˚ N” (McPherson 1982).
Chinavia hilaris (Say, 1832)
Minnesota (Lugger, 1900, as Nezara pennsylvanica): Anoka Co. (UMSP),
Becker Co. (DAR, NDSU, Rider 2012), Beltrami Co. (NDSU), Big Stone Co.
(NDSU, Rider 2012), Cass Co. (NDSU), Clay Co. (DAR, NDSU, Rider 2012),
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Clearwater Co. (UMSP), Hennepin Co. (UMSP), Houston Co. (UMSP), Isanti Co.
(UMSP), Le Sueur Co. (UMSP), Lyon Co. (UMSP), Martin Co. (UMSP), Norman
Co. (NDSU), Olmstead Co. (UMSP), Otter Tail Co. (Rider 2012, UND), Pipestone
Co. (UMSP), Ramsey Co. (UMSP), Rice Co. (UMSP), Scott Co. (NDSU, Rider
2012), Stearns Co. (DAR, NDSU, Rider 2012), Traverse Co. (UMSP), Waseca
Co. (UMSP), Washington Co. (UMSP), Winona Co. (UMSP).
North America: Reported from “Quebec and New England west through
southern Canada and the northern states to the Pacific Coast, and south and
southwest to Florida, Texas, Arizona, Utah, and California” (McPherson 1982,
as Acrosternum hilare).
Chinavia pensylvanica (Gmelin, 1790)
Minnesota: Houston Co. (UMSP). Lugger (1900) included this species for
Minnesota, but was based on a misidentification (Rider 2012).
North America: Reported from “Quebec and New England west to Iowa
and Minnesota, and south to Georgia, Florida, Missouri, and possibly Kansas”
(McPherson 1982, as Acrosternum pennsylvanicum).
Chlorochroa belfragii (Stål, 1872)
Minnesota: Clay Co. (NDSU, Rider 2012), Kandiyohi Co. (UMSP), Pine
Co. (UMSP).
North America: Reported from “Nebraska, Iowa, Illinois, Virginia, and
Canada” (McPherson 1982, as Rhytidolomia belfragii).
Chlorochroa persimilis Horvath, 1908
Minnesota (Lugger 1900, as Lioderma ligata): Anoka Co. (UMSP), Beltrami
Co. (UMSP), Clay Co. (NDSU), Goodhue Co. (UMSP), Isanti Co. (UMSP), Norman Co. (NDSU, UMSP), Pine Co. (UMSP), Polk Co. (NDSU, UMSP), Ramsey
Co. (UMSP), Scott Co. (UMSP), Sherburne Co. (UMSP), Wabasha Co. (UMSP),
Washington Co. (UMSP). Also recorded from Itasca State Park (UMSP), but a
specific county could not be determined as the locality spans multiple counties.
North America: Reported from “Quebec and New England south to Florida,
and west to at least the Mississippi River, and probably to Iowa and Kansas”
(McPherson 1982).
Coenus delius (Say, 1832)
Minnesota: Anoka Co. (UMSP), Big Stone Co. (UMSP), Carlton Co.
(UMSP), Chippewa Co. (DAR), Chisago Co. (UMSP), Clay Co. (DAR, NDSU),
Crow Wing Co. (UMSP), Douglas Co. (UMSP), Freeborn Co. (Rider 1995), Hennepin Co. (Rider 1995, UMSP), Houston Co. (UMSP), Isanti Co. (UMSP), Kandiyohi Co. (UMSP), Lac qui Parle Co. (DAR), Lincoln Co. (UMSP), Mahnomen
Co. (UMSP), Marshall Co. (UMSP), Norman Co. (NDSU, UMSP), Olmsted Co.
(UMSP), Polk Co. (NDSU, UMSP, UND), Pope Co. (UMSP), Ramsey Co. (UMSP),
Renville Co. (UMSP), Rock Co. (UMSP), Roseau Co. (UMSP), Scott Co. (UMSP),
Sherburne Co. (UMSP), Stearns Co. (DAR), Traverse Co. (UMSP), Wadena
Co. (UMSP), Washington Co. (UMSP), Wilkin Co. (UMSP), Winona Co. (Rider
1995), Wright Co. (DAR). Also recorded from Itasca State Park (UMSP), but a
specific county could not be determined as the locality spans multiple counties.
North America: Reported from “Quebec and New England south to North
Carolina, and west to British Columbia, Montana, Idaho, Utah, Oklahoma, and
Texas” (McPherson 1982).
Cosmopepla lintneriana Kirkaldy, 1909
Minnesota (Lugger 1900, as Cosmopepla carnifex): Aitkin Co. (UMSP),
Anoka Co. (UMSP), Beltrami Co. (UMSP), Big Stone Co. (UMSP), Brown Co. (DAR),
Cass Co. (UMSP), Chisago Co. (UMSP), Clay Co. (DAR, NDSU), Clearwater Co.
(UMSP, UND), Cook Co. (UMSP), Crow Wing Co. (UMSP), Dodge Co. (UMSP),
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Douglas Co. (UMSP), Faribault Co. (UMSP), Fillmore Co. (UMSP), Freeborn
Co. (UMSP), Goodhue Co. (UMSP), Hennepin Co. (DAR, UMSP), Houston Co.
(UMSP), Hubbard Co. (NDSU), Isanti Co. (UMSP), Itasca Co. (UMSP), Kanabec Co. (UMSP), Kittson Co. (UMSP), Lac qui Parle Co. (UMSP), Lake Co.
(NDSU, UMSP), Lake of the Woods Co. (UMSP), Le Sueur Co. (UMSP), Lyon
Co. (UMSP), McLeod Co. (UMSP), Mille Lacs Co. (UMSP), Morrison Co. (UMSP),
Nicollet Co. (UMSP), Norman Co. (UMSP), Olmstead Co. (UMSP), Otter Tail Co.
(UMSP), Pennington Co. (UMSP), Pine Co. (UMSP), Polk Co. (UMSP), Ramsey
Co. (UMSP), Renville Co. (UMSP), Rice Co. (UMSP), Roseau Co. (UMSP), Saint
Louis Co. (UMSP), Scott Co. (UMSP), Sherburne Co. (UMSP), Stearns Co. (DAR,
UMSP), Steele Co. (UMSP), Todd Co. (NDSU, UMSP), Traverse Co. (UMSP),
Wabasha Co. (UMSP), Wadena Co. (UMSP), Washington Co. (UMSP), Wilkin
Co. (UMSP), Winona Co. (UMSP), Wright Co. (UMSP). Also recorded from
Itasca State Park (NDSU, UMSP), Lake City (UMSP), Saint Cloud (UMSP),
and Sullivan Lake (UMSP), but a specific county could not be determined as
these localities span multiple counties.
North America: Reported from “Nova Scotia and New England west to
British Columbia and Washington, and south to Georgia, Texas, and Mexico”
(McPherson 1982, as Cosmopepla bimaculata).
Dendrocoris humeralis (Uhler, 1877) *
Minnesota: Anoka Co. (UMSP), Houston Co. (UMSP), Ramsey Co. (UMSP).
North America: Reported from “New England south to Georgia, and west
through Colorado and New Mexico to California” (McPherson 1982).
Euschistus ictericus (Linnaeus, 1763)
Minnesota: Anoka Co. (UMSP), Carlton Co. (UMSP), Carver Co. (UMSP),
Chisago Co. (UMSP), Clay Co. (DAR, NDSU, Rider 2012), Dakota Co. (DAR,
Rider 2012, UMSP), Dodge Co. (UMSP), Fillmore Co. (UMSP), Goodhue Co.
(UMSP), Hennepin Co. (UMSP), Houston Co. (UMSP), Kanabec Co. (UMSP),
Koochiching Co. (UMSP), Lake Co. (UMSP), Le Sueur Co. (UMSP), Norman
Co. (UMSP), Olmstead Co. (UMSP), Otter Tail Co. (UMSP), Pine Co. (UMSP),
Pope Co. (UMSP), Ramsey Co. (UMSP), Sherburne Co. (UMSP), Stearns Co.
(DAR, UMSP, UND), Wadena Co. (UMSP), Washington Co. (UMSP).
North America: Reported from “northern United States and Canada from
coast to coast, and also ranges southward to Florida, Oklahoma, and Texas”
(McPherson 1982).
Euschistus latimarginatus Zimmer, 1910
Minnesota: Anoka Co. (UMSP), Isanti Co. (UMSP), Polk Co. (NDSU,
Rider 2012).
North America: This is a Great Plains species (Rider 2012) ranging sporadically from Texas to North Dakota.
Euschistus servus euschistoides (Vollenhoven, 1868)
Minnesota (Lugger 1900, as Euschistus variolarius): Anoka Co. (UMSP),
Becker Co. (DAR, UMSP), Beltrami Co. (UMSP), Cass Co. (UMSP), Chisago Co.
(UMSP), Clay Co. (DAR, NDSU), Clearwater Co. (NDSU, UMSP), Crow Wing Co.
(UMSP), Dakota Co. (UMSP), Dodge Co. (UMSP), Douglas Co. (UMSP), Fillmore
Co. (UMSP), Goodhue Co. (UMSP), Hennepin Co. (DAR, UMSP), Houston Co.
(UMSP), Hubbard Co. (UMSP), Isanti Co. (UMSP), Itasca Co. (DAR), Kanabec
Co. (UMSP), Kandiyohi Co. (UMSP), Kittson Co. (NDSU, UMSP), Mahnomen
Co. (UMSP), Marshall Co. (NDSU, UMSP), Nicollet Co. (UMSP), Norman Co.
(DAR, NDSU, UMSP), Olmstead Co. (UMSP), Otter Tail Co. (UMSP), Pennington Co. (UMSP), Pine Co. (UMSP), Polk Co. (NDSU, UMSP, UND), Ramsey Co.
(UMSP), Renville Co. (UMSP), Rice Co. (UMSP), Roseau Co. (UMSP), Saint
Louis Co. (NDSU, UMSP), Sherburne Co. (UMSP), Stearns Co. (UMSP, UND),
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Steele Co. (UMSP), Todd Co. (UMSP), Wabasha Co. (DAR, UMSP), Wadena
Co. (UMSP), Washington Co. (UMSP), Winona Co. (UMSP). Also recorded from
Itasca State Park (UMSP), but a specific county could not be determined as the
locality spans multiple counties.
North America: Reported “across the northern United States and southern
Canada” (McPherson 1982).
Euschistus tristigmus luridus Dallas, 1851
Minnesota: Aitkin Co. (UMSP), Anoka Co. (UMSP), Becker Co. (DAR,
NDSU, UMSP), Beltrami Co. (UMSP), Carlton Co. (UMSP), Cass Co. (UMSP),
Chisago Co. (UMSP), Clay Co. (DAR, NDSU), Clearwater Co. (DAR, UMSP),
Cook Co. (UMSP), Crow Wing Co. (UMSP), Dakota Co. (UMSP), Douglas Co.
(UMSP), Fillmore Co. (UMSP), Goodhue Co. (UMSP), Hennepin Co. (UMSP),
Houston Co. (UMSP), Hubbard Co. (UMSP), Isanti Co. (UMSP), Itasca Co. (DAR,
UMSP), Kanabec Co. (UMSP), Kittson Co. (UMSP), Koochiching Co. (NDSU),
Lac qui Parle Co. (UMSP), Lake Co. (UMSP), Lake of the Woods Co. (UMSP),
Le Sueur Co. (UMSP), Lyon Co. (UMSP), Mille Lacs Co. (UMSP), Morrison Co.
(UMSP), Nicollet Co. (UMSP), Norman Co. (UMSP), Olmstead Co. (UMSP),
Otter Tail Co. (NDSU), Pine Co. (UMSP), Polk Co. (UMSP), Pope Co. (UMSP),
Ramsey Co. (UMSP), Red Lake Co. (UMSP), Rice Co. (UMSP), Roseau Co.
(UMSP), Saint Louis Co. (Malloch, in Hart 1919, NDSU, UMSP), Stearns Co.
(DAR, UMSP), Todd Co. (UMSP), Traverse Co. (UMSP), Wabasha Co. (UMSP),
Wadena Co. (UMSP), Washington Co. (UMSP), Winona Co. (UMSP). Also recorded from Princeton (UMSP), but a specific county could not be determined
as the locality spans multiple counties.
North America: Reported “north of latitude 41˚ N from Nova Scotia, Quebec, and New England west to Washington” (McPherson 1982).
Euschistus variolarius (Palisot de Beauvois, 1817) *
Minnesota: Anoka Co. (UMSP), Benton Co. (UMSP), Big Stone Co. (NDSU,
UMSP), Blue Earth Co. (UMSP), Brown Co. (DAR), Carver Co. (UMSP), Chippewa Co. (UMSP), Chisago Co. (UMSP), Clay Co. (DAR, NDSU), Cottonwood
Co. (UMSP), Dakota Co. (UMSP), Dodge Co. (UMSP), Douglas Co. (UMSP),
Goodhue Co. (UMSP), Faribault Co. (UMSP), Fillmore Co. (UMSP), Freeborn
Co. (UMSP), Grant Co. (UMSP), Hennepin Co. (UMSP), Houston Co. (UMSP),
Isanti Co. (UMSP), Jackson Co. (UMSP), Kanabec Co. (UMSP), Kandiyohi Co.
(UMSP), Lac qui Parle Co. (UMSP), Le Sueur Co. (UMSP), Lincoln Co. (UMSP),
Lyon Co. (UMSP), Mahnomen Co. (NDSU), Martin Co. (UMSP), McLeod Co.
(UMSP), Meeker Co. (UMSP), Morrison Co. (UMSP), Mower Co. (UMSP), Murray Co. (UMSP), Nicollet Co. (DAR, UMSP), Nobles Co. (UMSP), Olmstead Co.
(UMSP), Otter Tail Co. (NDSU), Pine Co. (UMSP), Pipestone Co. (UMSP, UND),
Polk Co. (UMSP), Pope Co. (UMSP), Ramsey Co. (UMSP), Rice Co. (UMSP),
Rock Co. (UMSP), Scott Co. (UMSP), Sherburne Co. (UMSP), Stearns Co. (DAR,
UMSP), Steele Co. (UMSP), Stevens Co. (NDSU, UMSP), Swift Co. (UMSP), Todd
Co. (UMSP), Traverse Co. (UMSP), Wabasha Co. (UMSP), Wadena Co. (UMSP),
Waseca Co. (UMSP), Washington Co. (UMSP), Wilkin Co. (UMSP), Winona
Co. (UMSP), Wright Co. (UMSP), Yellow Medicine Co. (UMSP). Also recorded
from Kawishiwi River and Lake City (UMSP), but a specific county could not be
determined as these localities span multiple counties. Lugger (1900) includes
this species for Minnesota, but was based on a misidentification (Rider 2012).
North America: Reported from “Quebec, Ontario, and New England south
to Florida, and west to British Columbia, Idaho, and Utah” (McPherson 1982).
Halyomorpha halys (Stål), 1855
Minnesota: Anoka Co. (Koch 2014, UMSP), Carver Co. (Koch 2014),
Chisago Co. (Koch 2014), Dakota Co. (Koch 2014), Hennepin Co. (Koch 2014),
Ramsey Co. (Koch 2014, UMSP), Saint Louis County (M. Abrahamson, pers.
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comm.), Washington Co. (Koch 2014, UMSP), Winona Co. (Koch 2014, UMSP).
Rider (2012) reported this species being found in shipping containers in Clay Co.
North America: The known range of this species is rapidly expanding. It
has been recorded from at least 38 states and the District of Columbia in the
U.S. and from parts of Canada (Leskey et al. 2012).
Holcostethus abbreviatus Uhler, 1872
Minnesota: Anoka Co. (UMSP), Big Stone Co. (UMSP), Clay Co. (NDSU,
Rider 2012), Goodhue Co. (UMSP), Kanabec Co. (UMSP), Kittson Co. (UMSP),
Mille Lacs Co. (UMSP), Norman Co. (UMSP), Polk Co. (UMSP), Ramsey Co.
(UMSP), Scott Co. (UMSP). Also recorded from Hastings (UMSP), but a specific
county could not be determined as the locality spans multiple counties.
North America: Reported from “Iowa northwest to British Colombia and
Washington, west to Oregon and California, and southwest to New Mexico and
lower California” (McPherson 1982).
Holcostethus limbolarius (Stål, 1872)
Minnesota: Anoka Co. (UMSP), Benton Co. (UMSP), Blue Earth Co. (DAR),
Brown Co. (DAR), Cass Co. (UMSP), Chippewa Co. (UMSP), Clay Co. (NDSU,
Rider 2012, UMSP), Cottonwood Co. (UMSP), Dakota Co. (UMSP), Freeborn
Co. (UMSP), Goodhue Co. (UMSP), Grant Co. (UMSP), Hennepin Co. (UMSP),
Houston Co. (UMSP), Isanti Co. (UMSP), Kanabec Co. (UMSP), Kandiyohi Co.
(UMSP), Kittson Co. (UMSP), Lac qui Parle Co. (UMSP), Lake Co. (UMSP), Le
Sueur Co. (UMSP), Lincoln Co. (UMSP), Lyon Co. (UMSP), Marshall Co. (NDSU,
Rider 2012, UMSP), Norman Co. (UMSP), Otter Tail Co. (UMSP), Polk Co.
(DAR, UMSP), Pope Co. (UMSP), Ramsey Co. (UMSP), Rock Co. (UMSP), Saint
Louis Co. (UMSP), Scott Co. (UMSP), Stearns Co. (DAR), Steele Co. (UMSP),
Todd Co. (UMSP), Traverse Co. (UMSP), Wadena Co. (UMSP), Washington Co.
(UMSP), Yellow Medicine Co. (UMSP). Also recorded from Itasca State Park
and Royalton (UMSP), but a specific county could not be determined as these
localities span multiple counties.
North America: Reported from “Quebec, Ontario, and New England west
across the continent, and south and west to Georgia, Texas, “Old Mexico,” New
Mexico, and California” (McPherson 1982).
Holcostethus macdonaldi Rider and Rolston, 1995 *
Minnesota: Anoka Co. (UMSP), Cass Co. (UMSP), Isanti Co. (UMSP),
Lake Co. (UMSP), Mille Lacs Co. (UMSP), Ramsey Co. (UMSP). Also recorded
from Itasca State Park (UMSP), but a specific county could not be determined
as the locality spans multiple counties.
North America: Reported from “Quebec west to Alberta, Canada, and south
to Illinois and Colorado” (McPherson 1982, as Holcostethus piceus).
Mecidea major Sailer 1952 *
Minnesota: Anoka Co. (UMSP). Also recorded from Anoka/Isanti Co.
(UMSP).
North America: Reported from “Arizona and Texas north to Kansas, Missouri and southern Illinois” (McPherson 1982).
Mecidea minor Ruckes 1946 *
Minnesota: Nicollet Co. (DAR), Rock Co. (UMSP).
North America: Reported from “northern third of Mexico north to central
California, northern Utah, and central South Dakota, with the eastern boundary
near the eastern borders of Texas, Oklahoma, and Kansas” (McPherson 1982).
Rider (2012) collected this species from Cass County, North Dakota, which is
on the border with Minnesota.
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Menecles insertus (Say, 1832)
Minnesota: Becker Co. (DAR, Rider 2012), Chisago Co. (UMSP), Clay
Co. (DAR, Rider 2012, UMSP), Hennepin Co. (UMSP), Mille Lacs Co. (UMSP),
Olmstead Co. (UMSP), Ramsey Co. (UMSP), Washington Co. (UMSP).
North America: Reported from “Quebec, Ontario, and New England west
to Nebraska and Kansas, southwest to Arizona and California, and south to
Arkansas and Florida” (McPherson 1982).
Mormidea lugens (Fabricius, 1775)
Minnesota: Anoka Co. (UMSP), Beltrami Co. (UMSP), Cass Co. (UMSP),
Chisago Co. (UMSP), Clearwater Co. (Rider 2012, UMSP), Crow Wing Co.
(UMSP), Fillmore Co. (DAR, Rider 2012), Goodhue Co. (UMSP), Hennepin Co.
(UMSP), Houston Co. (UMSP), Hubbard Co. (NDSU, Rider 2012), Isanti Co.
(UMSP), Lake Co. (UMSP), Morrison Co. (DAR, Rider 2012), Norman Co. (NDSU,
Rider 2012), Olmstead Co. (UMSP), Pine Co. (UMSP), Polk Co. (NDSU, Rider
2012), Ramsey Co. (UMSP), Saint Louis (UMSP), Stearns Co. (UMSP), Todd
Co. (UMSP), Washington Co. (UMSP), Winona Co. (UMSP). Also recorded from
Itasca State Park (DAR, UMSP) and Minneiska (UMSP), but a specific county
could not be determined as these localities span multiple counties.
North America: Reported from “Ontario, Quebec, and Maine south to
Florida, and west to North and South Dakota, Wyoming, Colorado, Oklahoma,
and Texas, and into Mexico” (McPherson 1982).
Murgantia histrionica (Hahn, 1834)
Minnesota: Dakota Co. (UMSP), Houston Co. (UMSP), Murray Co. (Hodson
and Cook 1960, UMSP), Polk Co. (UMSP). Hodson and Cook (1960) treat their
records of Murgantia histrionica in Minnesota as a one-time, long-range aerial
transport into the state.
North America: Reported from “New England west to Colorado, and south
and southwest to Florida, Texas, and California; it has occasionally been reported
from as far north as Iowa, South Dakota, and Minnesota” (McPherson 1982).
Neottiglossa sulcifrons Stål, 1872
Minnesota: Clay Co. (NDSU, Rider 2012), Houston Co. (UMSP), Pope Co.
(UMSP), Rock Co. (UMSP), Yellow Medicine Co. (UMSP).
North America: Reported from “New Jersey south to Georgia, and west
to Nebraska, Kansas, and New Mexico; also known from South Dakota, Utah,
British Columbia, and lower California” (McPherson 1982).
Neottiglossa trilineata (Kirby, 1837) *
Minnesota: Anoka Co. (UMSP), Cass Co. (UMSP).
North America: Ranges from “Quebec, Nova Scotia, northern Michigan,
and Nebraska west to British Columbia and California” (McPherson 1982).
Neottiglossa undata (Say, 1832)
Minnesota (Van Duzee 1917): Anoka Co. (UMSP), Beltrami Co. (UND),
Blue Earth Co. (UMSP), Cass Co. (UMSP), Clay Co. (DAR, NDSU, UMSP),
Clearwater Co. (Rider 1989, UMSP), Cook Co. (UMSP), Crow Wing Co. (UMSP),
Douglas Co. (UMSP), Fillmore Co. (UMSP), Goodhue Co. (UMSP), Hennepin Co.
(UMSP), Houston Co. (UMSP), Isanti Co. (UMSP), Itasca Co. (Rider 1989, DAR),
Kanabec Co. (UMSP), Kittson Co. (UMSP), Lac qui Parle Co. (UMSP), Lake Co.
(UMSP), Marshall Co. (UMSP), Mille Lacs Co. (UMSP), Morrison Co. (UMSP),
Norman Co. (NDSU), Olmstead Co. (UMSP), Pine Co. (UMSP), Pipestone Co.
(UMSP), Polk Co. (Rider 1989, NDSU, UMSP), Pope Co. (UMSP), Ramsey Co.
(UMSP), Roseau Co. (UMSP), Saint Louis Co. (NDSU, UMSP), Traverse Co.
(UMSP), Washington Co. (UMSP). Also recorded from Itasca State Park (DAR,
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UMSP), Kawishiwi River (UMSP), and Roosevelt (UMSP), but a specific county
could not be determined as these localities span multiple counties.
North America: Reported from “Quebec and New England west across
southern Canada and the northern United States to the Pacific coast, and generally occurs no farther south than New Jersey” (McPherson 1982).
Oebalus pugnax pugnax (Fabricius, 1775)
Minnesota (Lugger 1900): Beltrami Co. (UMSP), Ramsey Co. (UMSP).
North America: Reported “throughout the continental United States east
of the Rocky Mountains as far north as New York, southern Minnesota, and
southern Michigan” (McPherson 1982).
Parabrochymena arborea (Say, 1825)
Minnesota: Anoka Co. (UMSP), Becker Co. (NDSU, Rider 2012), Chisago
Co. (UMSP), Hennepin Co. (UMSP), Morrison Co. (DAR, NDSU, Rider 2012),
Otter Tail Co. (NDSU, Rider 2012), Ramsey Co. (UMSP), Stearns Co. (DAR,
NDSU, Rider 2012). Also recorded from Baker Hills (UMSP), but a specific county
could not be determined as the locality spans multiple counties.
North America: Reported from “Quebec, Ontario, and New England south
to Florida, and west to Kansas, New Mexico, Mexico, North Dakota, South Dakota, and Iowa” (McPherson 1982, as Brochymena arborea, Rider 2012).
Prionosoma podopioides Uhler, 1863 *
Minnesota: Ramsey Co. (UMSP), Scott Co. (UMSP).
North America: Reported from “British Columbia south to lower California,
and east to Michigan and Illinois” (McPherson 1982).
Sciocoris microphthalmus Flor, 1860
Minnesota: Carlton Co. (UMSP), Clay Co. (NDSU), Hennepin Co. (Hussey
1921), Mille Lacs Co. (UMSP), Saint Louis Co. (Hart 1919), Traverse Co. (UMSP).
North America: Reported from “Quebec west to Alberta, Canada, and south
to Massachusetts, Iowa, North Dakota, and possibly Oklahoma” (McPherson 1982).
Thyanta custator accerra McAtee, 1919
Minnesota: Becker Co. (UMSP), Beltrami Co. (UMSP), Clay Co. (NDSU),
Goodhue Co. (UMSP), Grant Co. (Rider and Chapin 1992), Isanti Co. (UMSP),
Nobles Co. (UMSP), Ramsey Co. (UMSP), Saint Louis Co. (Rider and Chapin
1992).
North America: Reported from “New York south to Georgia, and west to
Idaho, northeastern Utah, northeastern New Mexico, and Texas; it also ranges
into south-central Canada” (McPherson 1982, as Thyanta accerra).
Trichopepla atricornis Stål, 1872
Minnesota: Blue Earth Co. (DAR), Brown Co. (DAR), Clay Co. (DAR,
NDSU, Rider 2012), Redwood Co. (DAR), Traverse Co. (UMSP).
North America: Reported from “Ohio, Illinois, and Wisconsin west to
Alaska, British Columbia, and California” (McPherson 1982).
Trichopepla semivittata (Say, 1832) *
Minnesota: Wright Co. (UMSP).
North America: Reported from “Southern Canada, the continental United
States, and northern Mexico” (McPherson 1982).
PENTATOMIDAE: PODOPINAE Amyot and Serville, 1843
Amaurochrous brevitylus Barber and Sailer, 1953
Minnesota: Blue Earth Co. (DAR), Clay Co. (NDSU, Rider 2012), Houston
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Co. (UMSP). Hubbard Co. (Barber and Sailer 1953), Mille Lacs Co. (UMSP),
Nicollet Co. (DAR).
North America: Reported from “Quebec, Canada, Massachusetts, New
York, New Jersey, Wisconsin, Minnesota, Iowa, Nebraska, Kansas, Arizona,
Michigan, and Illinois” (McPherson 1982).
Amaurochrous cinctipes (Say, 1828)
Minnesota: Anoka Co. (UMSP), Becker Co. (UMSP), Chisago Co. (UMSP),
Crow Wing Co. (UMSP), Dakota Co. (UMSP), Goodhue Co. (UMSP), Houston
Co. (UMSP), Hennepin Co. (UMSP), Kanabec Co. (UMSP), Pope Co. (UMSP),
Mille Lacs Co. (UMSP), Ramsey Co. (UMSP), Saint Louis Co. (Hart 1919),
Sherburne Co. (UMSP).
North America: Reported from “Quebec and New England south to the
Carolinas, and west and southwest to Minnesota, Nebraska, Kansas, Missouri,
Louisiana, and Texas” (McPherson 1982).
Acknowledgments
We thank Jay McPherson, Daniel Swanson, Susan Weller, and Rob Venette
for providing reviews of this manuscript, Ralph Holzenthal for insightful discussion, and Anthony Hanson for creating the map. Digitization, computerization,
and virtual discovery of University of Minnesota pentatomoid specimens were
supported within the larger UMSP effort for collections digitization, by a grant
from the U.S. National Science Foundation (NSF EF-1114845; P. P. Tinerella)
for Advancing Digitization of Biological Collections. Funding for R. L. K. and W.
A. R. was provided by the Minnesota Soybean Research and Promotion Council.
Literature Cited
Barber, H. G., and R. I. Sailer. 1953. A revision of the turtle bugs of North America (Hemiptera: Pentatomidae). Journal of the Washington Academy of Sciences 43: 150–162.
Bundy, C. S. 2012. An annotated checklist of the stink bugs (Heteroptera: Pentatomidae)
of New Mexico. The Great Lakes Entomologist 45: 196–209.
Froeschner, R. C. 1988. Family Pentatomidae Leach, 1815. The stink bugs, pp. 544–607.
In T. J. Henry, and R. C. Froeschner (eds.), Catalog of the Heteroptera, or True
Bugs, of Canada and the Continental United States. E. J. Brill, Leiden, New York,
xix + 958 pp.
Hart, C. A. 1919. The Pentatomoidea of Illinois with keys to the Nearctic genera. [Ed. by
J. R. Malloch] Bulletin of the Illinois Natural History Survey, Bulletin 13: 157–223.
Hodson, A. C., and E. F. Cook. 1960. Long-range aerial transport of the harlequin bug
and greenbug into Minnesota. Journal of Economic Entomology 53: 604–608
Hoebeke, E. R., and M. E. Carter. 2003. Halyomorpha halys (Stål) (Heteroptera: Pentatomidae): A polyphagous plant pest from Asia newly detected in North America.
Proceedings of the Entomological Society of Washington 105: 225–237.
Hussey, R. F. 1921. Distributional notes on Hemiptera, with the description of a new
Gerris. Psyche 28: 8–15.
Kenis, M., M. A. Auger-Rozenberg, A. Roques, L. Timms, C. Péré, M. J. Cock, W.
J. Settele, S. Augustin, and C. Lopez-Vaamounde. 2009. Ecological effects of
invasive alien insects. Biological Invasions 11: 21–45.
Kiritani, K. 2011. Impacts of global warming on Nezara viridula and its native congeneric
species. Journal of Asia-Pacific Entomology 14: 221–226.
Knight, H. H. 1952. Review of the genus Perillus with description of a new species (Hemiptera, Pentatomidae). Annals of the Entomological Society of America 45: 229–232.

184

THE GREAT LAKES ENTOMOLOGIST

Vol. 47, Nos. 3 - 4

Koch, R. L. 2014. Detections of the brown marmorated stink bug (Hemiptera: Pentatomidae) in Minnesota. Journal of Entomological Science 49: 313–317.
Leskey, T. C., G. C. Hamilton, A. L. Nielsen, D. F. Polk, C. Rodriguez-Saona, J. C.
Bergh, D. A. Herbert, Jr., T. P. Kuhar, D. Pfeiffer, G. P. Dively, C. R. R. Hooks,
M. J. Raupp, P. M. Shrewsbury, G. Krawczyk, P. W. Shearer, J. Whalen,
C. Koplinka-Loehr, E. Myers, D. Inkley, K.A. Hoelmer, D.-H. Lee, and S. E.
Wright. 2012. Pest status of the brown marmorated stink bug, Halyomorpha halys
in the USA. Outlooks on Pest Management 23: 218–226.
Lugger, O. 1900. Bugs Injurious to our Cultivated Plants. Bulletin no. 69. University of
Minnesota Agricultural Experiment Station. McGill-Warner Co. Printers, St. Paul.
259 pp.
McPherson, J. E. 1980. The distribution of the Pentatomoidea in the northeastern
quarter of the United States. The Great Lakes Entomologist 13: 1–16.
McPherson, J. E. 1982. The Pentatomoidea (Hemiptera) of northeastern North America
with emphasis on the fauna of Illinois. Southern Illinois University Press, Carbondale, IL. 240 pp.
O’Donnell, J. E., and C. W. Schaefer. 2012. Annotated checklist of the Pentatomidae
(Heteroptera) of Connecticut. The Great Lakes Entomologist 45: 220–234.
Packauskas, R. 2012. The Pentatomidae, or stink bugs, of Kansas with a key to species
(Hemiptera: Heteroptera). The Great Lakes Entomologist 45: 210–219.
Paiero, S. M., S. A. Marshall, J. E. McPherson, and M.-S. Ma. 2013. Stink bugs (Pentatomidae) and parent bugs (Acanthosomatidae) of Ontario and adjacent areas: A key
to species and a review of the fauna. Canadian Journal of Arthropod Identification
No. 24. Available from http://www.biology.ualberta.ca/bsc/ejournal/pmmm_24.html
http://dx.doi.org/10.3752/cjai.2013.24 (accessed January 2013).
Palumbo, J. C., and E. T. Natwick. 2010. The bagrada bug (Hemiptera: Pentatomidae):
A new invasive pest of cole crops in Arizona and California. Plant Health Progress.
http://www.plantmanagementnetwork.org/sub/php/brief/2010/bagrada/bagrada.pdf
(accessed 23 January 2013).
Reitz, S. R., and J. T. Trumble. 2002. Competitive displacement among insects and
arachnids. Annual Review of Entomology 47: 435–465.
Rider, D. A. 1989. Review of the New World species of the genus Neottiglossa Kirby (Heteroptera: Pentatomidae). Journal of the New York Entomological Society 97: 394–408.
Rider, D. A. 1995. Review of the genus Coenus Dallas, with the description of C. explanatus, new species (Heteroptera: Pentatomidae). Journal of the New York Entomological
Society 103: 39–47.
Rider, D. A. 2012. The Heteroptera (Hemiptera) of North Dakota I: Pentatomomorpha:
Pentatomoidea. The Great Lakes Entomologist 45: 312–380.
Rider, D. A., and J. B. Chapin. 1992. Revision of the genus Thyanta Stål, 1862 (Heteroptera: Pentatomidae) II. North America, Central America, West Indies. Journal
of the New York Entomological Society 100: 42–98.
Sites, R. W., K. B. Simpson, and D. L. Wood. 2012. The stink bugs (Hemiptera: Heteroptera: Pentatomidae) of Missouri. The Great Lakes Entomologist 45: 134–163.
Stoner, D. 1920. The Scutelleroidea of Iowa. University of Iowa Studies, Studies in
Natural History 8: 1–140.
Stoner, D. 1921. An additional distribution record for Rhacognathus americanus Stål
(Hemip.-Heterop.). Entomological News 32: 26.
Swanson, D. R. 2012. An updated synopsis of the Pentatomoidea (Heteroptera) of Michigan. The Great Lakes Entomologist 45: 263–311.

2014

THE GREAT LAKES ENTOMOLOGIST

185

Swanson, D. R., O. Keller, and J. D. Rowley. 2013. First record of the Palearctic
predatory stink bug, Picromerus bidens (Heteroptera: Pentatomidae: Asopinae), in
Michigan. The Great Lakes Entomologist 46: 231–234.
Talamas, E. J., M. Buffington, and K. Hoelmer. 2013. New synonymy of Trissolcus
halyomorphae Yang. Journal of Hymenoptera Research 33: 113–117.
Thomas, D. B., J. E. Eger, W. Jones, and G. Ortega-Leon. 2003. The African cluster
bug, Agonoscelis puberula (Heteroptera: Pentatomidae), established in the new world.
The Florida Entomologist 86: 151–153.
Tindall, K. V., and K. Fothergill. 2011. First Records of Piezodorus guildinii in Missouri. Southwestern Entomologist 36: 203–205.
Uhler, P. R. 1871. Notices of some Heteroptera in the collection of Dr. T. W. Harris.
Proceedings of the Boston Society of Natural History 14: 93–109.
Uhler, P. R. 1876. List of the Hemiptera of the region west of the Mississippi River,
including those collected during the Hayden explorations of 1873. Bulletin of the
United States Geological and Geographical Survey of the Territories 1: 267–361.
Van Duzee, E. P. 1917. Catalogue of the Hemiptera of America North of Mexico, excepting the Aphididae, Coccidae and Aleurodidae. University of California Publications,
Entomology 2: 902 pp.
Walker, F. 1867. Catalogue of the specimens of Hemiptera: Heteroptera in the collection
of the British Museum. Part I. E. Newman, London, pp. 1–240.
Zack, R. S., P. J. Landolt, and J. E. Munyaneza. 2012. The stink bugs (Hemiptera:
Heteroptera: Pentatomidae) of Washington state. The Great Lakes Entomologist
45: 251–262.

186

THE GREAT LAKES ENTOMOLOGIST

Vol. 47, Nos. 3 - 4

Movement Patterns of Carabid Beetles Between
Heterogenous Crop and Noncrop Habitats
Heather Russon1 and J. Megan Woltz2,3

Abstract
Habitats adjacent to crop fields can increase natural enemy populations by
providing additional food, shelter and overwintering sites. While many studies
have focused on the role of non-crop borders for supporting natural enemies, here
we investigate the influence of adjacent crop habitats as well. We monitored the
movement of carabid beetles (Coleoptera: Carabidae) between wheat fields and
adjacent crop and non-crop habitats using bi-directional pitfall traps. We found
greater movement of carabids from corn into wheat fields than from forest and
soybean, with intermediate levels of movement from roadside vegetation. Additionally, significantly more carabids were captured moving into corn from wheat
than into any other habitat. We also found that carabid community assemblages
at habitat borders were different from those in the interior of wheat fields. Our
findings suggest that agricultural ecosystems composed of a variety of both noncrop and crop habitats are necessary to maintain carabid abundance and diversity.
____________________

Permanent and semi-permanent non-crop habitats surrounding agricultural fields, like grassy strips, hedgerows, woodlots, and grasslands are important for conservation biocontrol. These habitats harbor increased diversity of
natural enemies of pests by providing additional food resources, shelter and
overwintering sites (Varchola and Dunn 2001, Landis et al. 2005). Due to pest
outbreaks during the summer, field crops may at times contain a high availability
of food and encourage the movement of predators into crops where competition
for prey is low (Wallin and Ekbom 1988). Natural enemies may colonize crops
under such conditions, but retreat back to non-crop habitats once the crops have
become unsuitable to live in (i.e., after harvest or pesticide application) (French
et al. 2004, Landis et al. 2005, Gavish-Regev et al. 2008). Such movement back
and forth between crops and non-crop habitat may be important for natural
enemy efficacy (Wissinger 1997, Tscharntke et al. 2008).
One group of natural enemies that exhibits this movement between various habitats is the carabid beetles (Coleoptera: Carabidae). These polyphagous
beetles can consume an amount of food nearly equivalent to their body mass
each day (Lindroth 1961-1969, Kromp 1999). Carabid beetles typically forage
for prey at the soil surface (Lindroth 1961-1969), however, certain species will
occasionally forage below the surface (Lee and Edwards 2012) or climb plants
(Lovei and Szentkiralyi 1984, Sasakawa 2010) in search of seeds or insects.
Carabids are important generalist predators in agricultural systems because
they feed on known crop pests such as aphids (Sunderland et al. 1987, Winder
et al. 2005, Hajek et al. 2007), slugs (Bohan et al. 2000, Eskelson et al. 2011,
Hatteland et al. 2011), and weed seeds (Gallandt et al. 2005, White et al. 2007,
Bohan et al. 2011). Studies have shown that higher abundances of carabids in
Biology Dept, 384 Hicks Center, Kalamazoo College, Kalamazoo MI.
578 Wilson Rd, Michigan State University, East Lansing, MI.
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crop fields lead to lower pest populations (Lang 2003, Bohan et al. 2011, Lee
and Edwards 2012).
Carabid diversity and abundance are influenced by habitats surrounding
agricultural fields at various scales. At the local field scale, many studies have
found that more complex habitats with higher plant diversity and more cover
support higher carabid abundance and species diversity than more simple habitats with lower plant diversity and/or less cover (Asteraki et al. 1995, Shearin et
al. 2008, Taboada et al. 2010, Blubaugh et al. 2011). In addition, carabid beetle
abundance and diversity are affected at the landscape level, which consists of
a mosaic of various crop fields and non-crop habitats. Bommarco (1998) found
that the amount of field edge and the presence of non-crop habitats in an agricultural landscape may even affect fecundity and adult body size of carabids.
At this scale, non-crop habitats may act as dispersal corridors for carabids and
affect carabid assemblages at distances of up to one kilometer (Burel 1989). As
such, agricultural landscapes with greater habitat diversity and more non-crop
habitat harbor greater carabid diversity and abundances (Weibull et al. 2003,
Schweiger et al. 2005, Werling and Gratton 2008).
Studies examining the movement of carabid beetles between habitats in
agroecosystems have often focused on the role of border habitats like hedgrerows
and grassy banks as barriers to movement between fields (Frampton et al. 1995,
Mauremooto et al. 1995, Holland et al. 2004, 2005). The potential role of other
crop habitats, as opposed to non-crop habitats, in supplying natural enemies
to crop fields has been largely overlooked, despite the fact that different crop
habitats may provide complementary food and shelter resources (Vasseur et al.
2013). In this study, we explicitly examined different types of habitat commonly
found adjacent to wheat fields in Michigan to determine their relative importance for providing carabid beetles to wheat fields. We studied the movement of
carabids between wheat fields and two crop habitats (corn and soybean) as well
as two non-crop habitats (forest and grassy-roadside vegetation) and quantified
carabid activity-density and community assemblages.
Materials and Methods
Study Site. This study was conducted in Gratiot County, MI in a landscape dominated by field crop production. Crops grown in this region primarily
consist of corn, soybean and wheat, with smaller proportions of sugar beets and
alfalfa. Non-crop habitats in this region primarily consist of fencerows, woodlots
on marginal lands, and grassy roadside margins. The fields in this study were
managed in a conventional corn – soybean – wheat rotation. Data were collected
in four wheat fields surrounded by typical crop and non-crop vegetation of the
region (Table 1). We sampled carabid beetles along multiple border types in each
field, using methods modified from Vasseur (2012). The four wheat fields used
in this study were planted in autumn of 2010 and harvested 13-21 July 2011.
Carabid monitoring. We monitored carabid movement using pitfall traps
consisting of 0.95 L cups (Fabri-Kal, Kalamazoo, MI) buried flush with the soil
surface and filled with 2 cm of 50:50 propylene glycol: water mixture (Fig. 1A).
Squares of 0.6 cm mesh-hardware cloth (10 cm x 10 cm) were placed into each
cup, 2 cm from the top to prevent the capture of mammals and amphibians.
Plastic plant saucers (20 cm diameter) were inverted and suspended over each
cup using 3 pin flags to prevent overflow during rainfall. In each station, two
identical cups were placed 10-20 cm apart. Pitfall traps were used continuously
in wheat field centers and borders from 23 May 2011 through 21 June 2011.
Samples were stored in 70% ethanol and all carabids were identified to species
using a reference collection from the Michigan State University Department of
Entomology Albert J. Cook Arthropod Research Collection, as well as reference
to an identification guide (Lindroth 1961-1969).

36

26

15

B

C

D

Total traps/ habitat

20

Size (ha)

A

Field

84 37’ 47.44” W

43 17’ 15.17” N

84 46’ 57.69” W

43 19’ 49.71” N

84 47’ 01.96” W

43 22’ 07.80” N

84 46’ 55.04” W

43 23’ 15.51” N

Coordinates

10

3

3

2

2

Corn

11

2

2

2

5

Forest

4

0

1

2

1

Roadside

4

0

2

2

0

Soybean

# of traps in each habitat

29

5

8

8

8

Total traps/ field

Table 1. Size, coordinates, and number of bi-directional traps per adjacent habitat for each wheat field used in surveys of carabid beetle
abundance and species composition.
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Figure 1. Pitfall (a) and bidirectional Z (b) trap designs. In panel (b), dashed arrows
indicate carabid movement between a wheat field and an adjacent habitat. Habitats that
carabids exited (beginning of the arrows) are referred to as source habitats. Habitats that
carabids entered (apex of the arrows) are referred to as destination habitats.

Carabid movement between wheat fields and surrounding habitats was
monitored using bidirectional traps placed at field edges (Fig. 1B; Vasseur 2012).
Traps were constructed of corrugated plastic sheets, measuring 60 cm tall and 4 mm
thick, stapled together to form a Z shape. The shorter arms of the Z were 1 m long
and attached at right angles to the longer portion, which measured 1.5 m. The traps
were placed so that one apex of the Z enclosed wheat and the other apex enclosed an
adjacent habitat. Traps were buried 15-20 cm in the soil and two pitfall traps (Fig.
1A) were placed in each apex of the Z. Because the pitfalls were placed 1 meter into
the other habitat type, carabid beetles had ample time to turn around and return
to the source habitat if conditions were not suitable in the destination habitat. In
this way, Z traps indicate carabid beetles’ initial preference for a given habitat.
Each field had 5-8 bidirectional Z traps to intercept carabids moving
between wheat and corn, soybean, forest, or roadside habitats (Table 1). Traps
were distributed among habitat types proportionally to the amount of each
habitat bordering a given wheat field. For example, if a wheat field shared approximately 25% of its perimeter with corn, then 2 of the 8 border traps were
placed at corn-wheat edges. The traps for each border type were spread out in
different cardinal directions whenever possible to account for possible cardinal
direction biases in carabid movements. Carabid activity-density within the fields
was monitored with sampling stations placed in the interior of wheat fields 130175 m apart. These stations consisted of two standard pitfall traps placed 20
cm apart. Each field contained 4 of these interior sampling stations, except for
field D which only contained 3, for a total of 15 interior stations.
Statistical Analyses.
Contributions of Source Habitats and Preference for Alternate Habitats.
To measure the relative contributions of different source habitats (corn, forest, roadside vegetation and soybean) to carabid activity-density within wheat
fields, we used trap captures for carabids moving into wheat from each adjacent
habitat type (i.e., source habitats). To measure carabid preference for different
adjacent habitats (i.e., destination habitats), we used trap captures for carabids
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moving from wheat into each adjacent habitat type. Any samples that were
compromised due to flooding or tampering by mammals were removed prior to
analysis. For these two separate comparisons, we determined the mean number
of carabids per trap in each habitat and compared these means using one-way
analyses of variance (ANOVA; Proc GLIMMIX, SAS 9.2, SAS Institute, 2009)
followed by Tukey-Kramer post hoc tests. Mean trap captures were square-root
transformed prior to analysis to help normalize variance. Edge habitat type
was included as the fixed effect and site was included as a random variable.
Weekly activity-density data were included as replicate samples after initial
analyses indicated no effect of week on carabid captures.
Carabid Community Assemblage. To compare carabid community assemblages (i.e., the species present and their relative activity-densities) among the
habitats, a Bray-Curtis Similarity Index was calculated for each pair of pitfall
trap locations. Traps in wheat field centers were used to describe communities
in wheat, and trap captures of carabids moving into wheat were used to describe
community composition of carabids being supplied by each of those habitats.
The BC Index is a similarity index ranging from 0-100, with 0 representing
communities that are completely dissimilar (have no species in common), and
100 representing communities that are completely similar (have all the same
species in the exact same abundances). The following is the equation for the
index, where p is the number of species, Y is the number of individuals of species
i in a given sample, and j and k represent any two sample units:
p

∑ │Yij – Yik│

Sjk = 100 * {1 – i =p1––––––––– }

∑ (Yij – Yik)
i=1

Because larger populations tend to have higher variances over time, the
activity-density in a single sample may not be an accurate estimate of the average activity-density of that species over time. Thus, it is important to avoid
strong influences of high activity-density of common species on relative similarity
calculations (Clarke and Warwick 2001). To do this, the total number of individuals per species in each trap was averaged across the 5 weekly samples and
then square root transformed. Species comprising less than 1% of total carabid
capture were also excluded from analysis to avoid disproportionate influences
of rare species on similarity calculations.
To compare community similarity across habitats, an Analysis of Similarity
(ANOSIM) was conducted in Primer Primer 6.0 (Primer-E Ltd, Ivybridge, UK)
on the rank similarities of each sample pair. Here, the measure of the effect
of habitat on similarity between samples is calculated by the R test statistic,
which is similar to an F statistic in an ANOVA. The R test works with the
null hypothesis that habitat type does not affect the similarity between traps,
meaning that random switching of the habitat assigned to each sample would
have no effect on similarity. In ANOSIM, the habitat labels for each trap are
randomly reassigned and a new R statistic is calculated to measure the effect
of habitat on sample similarity. This was repeated 999 times for each pair of
habitats, except for the roadside-soybean pair, which was permuted 495 times
because there were fewer soybean trap samples. The probability that the R
value from the data indicates a significant difference between habitats is equal
to the number of times that an R value of equal or greater value is generated
by chance during the random reassignments, divided by the total number of
random reassignments. To avoid the confounding effects of multiple comparisons
on significance, we adjusted α-values accordingly using the Benjamini and Hochberg False Discovery Rate Control (FDR) Procedure (Verhoeven et al. 2005).
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Results
A total of 1398 adult carabid beetles comprising 37 species were collected
during the 5 weeks of this study. Seven species of carabid beetles each contributed 5% or more of total captures: Pterostichus melanarius (Ill.), Amara aenea
(DeGeer), Agonum placidum (Say), Poecilus lucublandus (Say), Harpalus herbivagus (Say), Chlaenius tricolor (Dejean) and Poecilus chalcites (Say) (Table 2).
Relative contributions of source habitats. Overall, source habitat
significantly influenced activity-density of carabids entering wheat fields (F =
12.05; df = 3, 239; P < 0.0001; Fig. 2). Corn fields contributed significantly more
carabids to wheat fields than forest (t = 5.80; P < 0.0001) and soybean (t = 2.94;
P = 0.0185), but not roadside vegetation (t = 2.14; P = 0.1433). There were no
significantly different contributions between any of the remaining habitats. The
most commonly captured species entering wheat fields from each border habitat
type are shown in Table 3.
Carabid preference for alternate habitat types. Overall, destination
habitat had an effect on carabid movement (F = 10.12; df = 3, 239; P < 0.0001;
Fig. 2). There were significantly more carabids moving from wheat into corn
than from wheat into forest (t = 4.71; P < 0.0001), roadside vegetation (t = 4.19;
P = 0.0002) or soybean (t = 2.91; P = 0.0203). There were no significant differences of carabid preference among forest, roadside, or soybean vegetation. The
most commonly captured species leaving wheat fields at each border habitat
type are shown in Table 3.
Community assemblages. Overall, carabid community assemblages
varied among all habitats (R = 0.244; P = 0.01). In pairwise comparisons, communities in all habitats were significantly differently from one another, except
those in roadside vegetation versus corn and roadside vegetation versus forest
(Table 4). Carabid communities in each habitat differed in abundant species
and the relative activity-density of these species (Fig. 3). The following results
compare only corn, roadside, forest, and wheat, due to low captures in soybean.
Considering the four most captured species in each habitat, Am. aenea was
among among the most captured species in all four habitats, while Pt. melanarius
was amont the most captured in all habitats but forest, and H. herbivagus in
all habitats but wheat. Ag. placidum was among the top four most captured
species in wheat and roadside habitats and Ch. tricolor was among the most
captured species in wheat and forest habitats. Po. lucublandus was among the
most captured species in corn only and Anisodactylus rusticus (Say) was among
the most captured species only in the forest habitat.
Discussion
The carabid communities represented in this study show similarities and
differences to carabid communities identified in previous studies in this region.
Of the seven carabid species with the highest activity-density in this study, Pt.
melanarius and Po. lucublandus were also among the most captured in three
other studies examining carabid activity in Michigan agricultural habitats,
while four other species were among the most captured in at least one of the
earlier studies (Clark et al. 1997, Carmona and Landis 1999, Lee et al. 2001).
However, Ch. tricolor, which made up more than 7% of our captures, made up
less than 1% of captures in the previous studies. Additionally, some species
that were among the most captured in the earlier studies were captured in low
densities (e.g., Pt. permundus (Say), H. pennsylvanicus (DeGeer), Bembidion
quadrimaculatum (Say), and Ag. cupripenne (Say)) or not at all (e.g., Clivina
impressifrons (LeConte), and Cyclotrachelus sodalis (LeConte)) in this study.
Some of these differences may be due to the habitats sampled. Two of the studies
sampled both perennial and annual crop habitats, and C. sodalis (Clark et al.
1997) and Pt. permundus (Carmona and Landis 1999) were more common in the

132
87
16
58
48
22
27
4
26
6
4
8
9
3
4
2
2
1
1
1

Pterostichus melanarius (Illiger)

Amara aenea (DeGeer)

Agonum placidum (Say)

Poecilus lucublandus (Say)

Harpalus herbivagus (Say)

Chlaenius tricolor (Dejean)

Poecilus chalcites (Say)

Agonum cupripenne (Say)

Bembidion quadrimaculatum (Say)

Anisodactylus rusticus (Say)

Bembidion nitidum (Kirby)

Anisodactylus sanctaecrucis (Fabricus)

Elaphropus anceps (LeConte)

Harpalus affinis (Schrank)

Stenolophus comma (Fabricius)

Pterostichus pensylvanicus (LeConte)

Anisodactylus harrisii (LeConte)

Agonum muelleri (Herbst)

Diplocheila obtusa (LeConte)

Pterostichus permundus (Say)

6

1

4

2

5

10

5

5

10

1

21

1

5

19

37

16

16

32

1

1

4

1

6

1

4

5

4

3

14

3

6

41

26

Road

1

2

2

2

2

1

Soy

Abundance per Habitat
Forest

2

2

1

4

1

1

18

4

5

23

1

3

43

41

55

8

33

155

85

99

Wheat

3

4

6

7

8

13

14

23

24

25

29

32

34

48

79

99

107

110

195

247

264

Total Capture

0.21

0.29

0.43

0.50

0.57

0.93

1.00

1.65

1.72

1.79

2.07

2.29

2.43

3.43

5.65

7.08

7.65

7.87

13.95

17.67

18.88

% Total
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Calosoma calidum (Fabricius)

Corn

Species

Table 2. Total number of carabid beetles captured per species and percentage of total capture.
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Total

Stenolophus ochropezus (Say)

Harpalus puncticeps (Stephans)

Chlaenius tomentosus (Say)

Chlaenius impunctifrons (Say)

Calleida punctata (LeConte)

Calathus gregarious (Say)

Bembidion versicolor (LeConte)

469

1

1

1

1

204

1

1

1

Bembidion rapidum (LeConte)

1

Patrobus longicornis (Say)
1

1

Bradycellus rupestris (Say)

Amphasia interstitialis (Say)

1

Bembidion obtusum (Serville)

1

1

Scarites quadriceps (Chaudoir)

2

125

1

1

2

1

Road

11

1

Soy

Abundance per Habitat
Forest

Harpalus pensylvanicus (DeGeer)

Corn

Galerita bicolor (Drury)

Species

Table 2. Continued.

589

1

1

1

Wheat

1398

1

1

1

1

1

1

1

1

1

2

2

2

3

3

3

Total Capture

100

0.07

0.07

0.07

0.07

0.07

0.07

0.07

0.07

0.07

0.14

0.14

0.14

0.21

0.21

0.21

% Total
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Figure 2. Mean (± SE) number of carabids per trap captured moving between wheat
fields and adjacent habitats. Means sharing the same letter do not differ significantly
(Tukey-Kramer post-hoc, P > 0.05).

perennial habitats. In other cases, differences in abundant species across studies may be related to interannual variation in carabid abundance. Even within
a single habitat in a given study, the abundance of a particular carabid species
may vary greatly from year to year (e.g., Lee et al. 2001, Rutledge et al. 2004).
Carabid community assemblages differed among field boundary types and
wheat field centers. Both the identity and number of dominant species varied
among habitats, including the presence and activity-density of species like Ch.
tricolor, Pt. melanarius and B. quadrimaculatum, which are known to consume
crop pests such as slugs (Bohan et al. 2000, Eskelson et al. 2011) and weevil eggs
(Vankosky et al. 2011). This suggests that maintaining an agricultural ecosystem
composed of a variety of both crop and non-crop habitats may help maintain
these species in the landscape, supporting carabid diversity and abundance.
The community assemblage data should be interpreted cautiously due to
the inherent limitations with the use of pitfall traps in different habitats. Pitfall
traps measure activity-density, i.e., captures are influenced by both population
sizes and activity levels. Dense vegetation at ground level restricts the freedom
of carabid movement, such that carabid activity decreases as vegetation density
increases (Frampton et al. 1995, Mauremooto et al. 1995, Thomas et al. 2006).
Therefore, pitfall trap captures should not be used to compare population sizes in
habitats with different vegetation density, as this cannot be separated from vegetation effects on activity. Here, we are less concerned with overall population sizes
than with activity at the border between habitats. This study demonstrated that
carabid movement is greater across certain boundary types than others. Variation
in carabid preference for and community assemblage among the studied habitats
may be due to microclimate differences. Factors such as soil surface temperature,
humidity and ground cover can significantly influence carabid abundance and
diversity by creating a more favorable or unfavorable microclimate (Chiverton
and Sotherton 1991, Henshall et al. 2011, Ward et al. 2011). Carabids tend to

5.63

An. rusticus

An. sanctaecrucis

10.37

5.54

6.06

14.48

8.83

9.96

Forest

9.65
8.08

7.07

15.82

35.69

Roadside

6.28

7.69

17.58

8.79

24.16

15.38

7.69

Soybean

6.88

5.04

8.23

19.03

11.50

22.83

Corn

Leaving wheat fields

6.82

6.67

H. pensylvanicus

H. herbivagus

5.73

5.44

E. anceps

10.10

7.62

6.39

Po. lucublandus

9.21

7.91

Ch. tricolor

15.24

16.93

Pt. melanarius

30.18

23.60

8.05

18.10

19.52

B. quadrimaculatum

24.81

Forest

20.00

5.71

27.37

Am. aenea

Roadside

Ag. placidum

Soybean

Corn

Entering wheat fields

Table 3. The percent of captures at field boundaries for the most common carabid species. Only species contributing at least 5% at a given
boundary are shown.
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0.147
0.472
0.207
0.271
0.415
0.448
0.566
0.269
0.143
0.048

Corn, soybean

Corn, wheat

Forest, wheat

Road, wheat

Soy, wheat

Road, soy

Forest, soy

Corn, road

Forest, road

R-statistic

Corn, forest

Pair-wise comparisons

999

999

999

495

999

999

999

999

999

999

Permutations

0.653

0.064

0.022*

0.008*

0.003*

0.001*

0.001*

0.001*

0.001*

0.001*

P-value

0.050

0.045

0.040

0.035

0.030

0.025

0.020

0.015

0.010

0.005

Adjusted-a

Table 4. Analysis of Similarity results for each habitat comparison. The α for each habitat comparison was adjusted via the Benjamini and
Hochberg FDR Procedure with an original α of 0.05. Significance is indicated with an asterisk (*) when the P-value was less than or equal to
the adjusted α –value.
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aggregate in refuges filled with dense vegetation in preference to bare ground
(Brose 2003), although individual species may prefer microhabitats with more
or less dense canopy cover (Ward et al. 2011). Dense vegetation and closed plant
canopy can moderate microclimates by retaining soil moisture and decreasing
soil surface temperature, as compared to bare soil exposed to sunlight.
By far, more carabids moved between wheat and corn than any other
habitat studied. The most common species moving back and forth between
corn and wheat are Am. aenea, B. quadrimaculatum, and Pt. melanarius. All
three species are polyphagous predators of invertebrates (Sunderland 2002),
and Am. aenea also consumes weed seeds (Tooley and Brust 2002). Pt. melanarius and B. quadrimaculatum are among the most common carabids found in
North American agricultural fields (Luff 2002). Pt. melanarius and Am. aenea
are eurytopic (Eversham et al. 1996), and are considered generalists of open
habitats. For example, Pt. melanarius is able to forage in both crop and adjacent
noncrop habitats of a variety of vegetation complexity and disturbance levels
(Fournier and Loureau 2001). Bembidion species are known to be most active in
crop habitats with bare ground and little shade (Luff 2002), such as cornfields
(Esau and Peters 1975). Unsurprisingly, given their fairly generalized habitat
use, these species were also active at the other boundary types.
The greater exchange rates between corn and wheat suggest that conditions in corn fields were more favorable for carabids than other habitats adjacent
to wheat. Typically corn is planted before soybean in the North Central U.S.,
and thus corn on average closes canopy earlier in the summer growing season,
creating a more favorable habitat for carabids for a greater portion of the summer. Conversely, the forest habitats monitored contained little understory

Figure 3. Percentages of each species composing total capture in corn, forest, roadside
vegetation, soybean and wheat. Only the top species composing 90% of the total capture are listed individually and the remaining 10% are grouped together as “other”.
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vegetation, providing limited cover for carabids. Beetles are predicted to move
more readily from high to low density vegetation than vice versa because of the
way that dense vegetation slows carabid movement, retaining individuals closer
to boundaries (Thomas et al. 2006). However, if that were the only mechanism
at play, we would have expected to see high numbers of carabids leaving wheat
for corn, which is a relatively open habitat a ground level due to plant spacing,
but not high numbers moving from corn into wheat. The greater movement
between these crops in both directions suggests that the effects of vegetation
density on carabid movement were not the only factors at play.
Roadside vegetation also contributed moderate numbers of carabids to
wheat fields. In our study, roadside vegetation consisted of densely growing
grasses and weedy forbs, making this vegetation structure very different from
an evenly planted crop field. Roadside vegetation could have provided alternative
prey items and habitat structures that carabids find beneficial. Many studies
have shown refuges such as these are crucial to carabid beetle populations
because they provide overwintering sites (Desender 1982, Sotherton 1985,
Desender and Alderweireldt 1988), alternative prey items (Hawthorne and
Hassall 1995) and additional shelter during the spring and summer (Thomas
et al. 2001), thereby enhancing populations and lowering the detrimental effects of disturbances such as harvest or pesticide application (Lee et al. 2001,
Ward et al. 2011).
When considering the differences in carabid movement across boundaries, it is important to keep in mind that this study took place over a short time
period during which little change in vegetation quality in any of the habitats
occurred. Several studies have shown that both carabid abundance and diversity within crop fields and non-crop habitats vary over time as canopy traits
change depending on the growth stage of the surrounding vegetation (Varchola
and Dunn 1999, 2001). For example, it is likely that we would have seen more
movement to and from grassy habitats had we sampled earlier in the season
when carabids were emerging from their overwintering shelters or post-harvest.
On-going studies will examine how the movement of carabids between various
habitats changes throughout the growing season.
Studies examining the ability of agricultural landscapes to supply beneficial organisms to crop fields typically focus on the benefits of non-crop habitat
(Burel et al. 2013). However, different crops can also provide different types
of resources in the same way that non-crop habitats do (Fahrig et al. 2011). In
fact, some populations may be able to persist by moving between ephemeral
crop habitats that provide complementary resources without depending on
more permanent habitats (Vasseur et al. 2013). Indeed, our results show more
movement in and out of wheat from corn than from non-crop habitats during
the portion of the season examined. Additionally, farmers may be more willing
and able to manage the diversity and arrangement of crop habitats on their land
than of non-crop habitats (Fahrig et al. 2011). Therefore, studies providing more
detailed information about the potential benefits of crop habitats to natural
enemies are critical for developing recommendations for designing agricultural
landscapes to enhance biological control services.
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